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Abstract

Protocells are self-organized primitive compartments which are thought to be precursors to first
living cells at the origin of life. Several different types of model protocell structures have been
proposed; among them, the most recently identified protocell nanotube networks (PNNs). A PNN
consists of tens of surface adhered lipid compartments physically connected via lipid nanotubes.
In this work, it is shown for the first time using differential interference contrast (DIC) microscopy
that the PNNs can successfully form by using lipid compositions that are completely label-free. It
has also been shown via confocal microscopy that the lipid nanotubes allow the transport of
fluorescently labeled water soluble compounds, RNA and DNA among the compartments in the
network. By employing fluorescence recovery after photobleaching (FRAP) technique, the
diffusive redistribution of encapsulated fluorophores among compartments that are not in direct
contact with each other, has been depicted. Results show that the transportation of the compounds
in PNNs is possible due to the interconnecting nanotubes, which is proposed as a plausible

chemical communication and replication mechanism between the protocells on the early Earth.
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numerical aperture

HEPES-buffer with sodium
nanotube-vesicle network
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PE phosphatidylethanolamine
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PNN protocell-nanotube network (spontaneously formed NVN and a protocell model)
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PVD physical vapor deposition

ROI region of interest
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1 Introduction

Abiogenesis, i.e., origins of life is one of the pending yet fundamental questions in life sciences.
In order to establish exactly how and when the transition from a soup of molecules to a living
structure occurred, life must be defined first. The capacity of self-replication and Darwinian
evolution, i.e., natural selection based on adaptability, are considered to be the key features that
describes life [1]. Top-down approaches traces the lineage history of modern cells to their
hypothetical last common universal ancestor (LUCA) to predict which molecules are persistently
important for biological systems [2]. Bottom-up studies start from the simplest cell-like
compartments structures and make it gradually more complex towards LUCA.

The genetic information required for self-replication flows from the DNA to RNA to protein and
this is common for all living cells today. Information stored in DNA can be used to make new
DNA (replication) or to synthesize RNA (transcription). The RNA is then used as a template in
protein synthesis (translation). This order is called the central dogma of molecular biology [3].
The synthesis of proteins relies on the sequence of the nucleotides in DNA and RNA, but the amino
acid sequence of a protein cannot be used to make either RNA or DNA. However, replication,
transcription and translation are all processes that depend on proteins. These macromolecules are
all essential in the self-replication and sustainability of cells, but their synthesis is dependent on
each other. The debate focusing on identifying which came first, the protein or nucleic acids, is

ongoing.

Many of the bottom-up theories regarding the origins of life can be sorted into the metabolism-
first hypothesis, or the genes-first hypothesis. As the names suggest, they differ in the order of
which came first, stable metabolism or replicating genes, both are essential for living cells. A
popular theory is the RNA-world hypothesis which states that RNA molecules were synthesized
first, and that they could replicate themselves before the arrival of protein or DNA. The RNA-
world revolves around ribozymes, which are RNA molecules that can store genetic information
like DNA, but also act as catalysts in chemical reactions, like enzymatic proteins [1, 3, 4]. There
are three points that support this hypothesis: RNA is likely to have appeared before proteins, as

protein replication without RNA is implausible. Furthermore RNA nucleotides are easier to



synthesize than those of DNA, and the more stable DNA molecule could have evolved from RNA

and gradually taken over its role [1].

DNA, RNA, and proteins are complex macromolecules which must have been synthesized and
evolved from simple organic molecules at a time when the macromolecules themselves were not
yet present. Thus, the simple organic molecules must have been catalyzed with the few compounds

and energy resources that were available on the prebiotic Earth.

1.1 Early Earth and origins of organic molecules

The earliest signs of life was found in Australian stromatolites, a sedimentary rock containing
laminated precipitates that are thought to have originated from microbes [5], dates to around 3.5
Gya (giga years ago) [6]. Hot springs on land [7, 8] and hydrothermal vents [9] have been proposed
as possible locations for the origin of life where thermal energy could be used to catalyze chemical

reactions and produce simple organic molecules, with the support of mineral surfaces [10].

Organic molecules have been successfully reproduced while mimicking early Earth conditions.
Among the most famous studies is the Miller-Urey experiment. According to the experiment, one
flask containing CH4(g), NHz (g), and H2(g) and a second flask, filled with water, were connected
in a loop, imitating the early Earth’s ocean and atmosphere, respectively. When the vapor of
boiling water began circulating through the system and mixed with the gasses mentioned above,
an electrical discharge (spark) was produced, corresponding to lightning providing the energy
needed for chemical reactions. As a result, amino acids, the building blocks of proteins, under the

abiotic conditions were formed [1].

It is speculated that certain organic molecules on early Earth, could be formed in outer space, and
arrived on our planet with meteorites. For example, when the Murchison meteoritewhich was
discovered in 1969, was analyzed, water, lipids, amino acids, monosaccharides (sugars), phosphate
and nitrogenous bases were detected [1]. The findings support the panspermia theory [11], which
suggests that space could have been the source of the missing organic building blocks of life, and
that the life could have started and evolved throughout the Universe.



Besides the meteorites which have been suggested as a source for amphiphiles on the early Earth,
chemical synthesis have been performed mimicking the early Earth conditions [12] which led to
the synthesis of phosphatidylcholine (PC) [13] and phosphatidyletanolamine (PE) [14]. Suggested
pathways have been also proposed for both oligopeptides [15] and ribonucleotides [16], which

indicate that both simple proteins and RNA synthesis could in principle be possible.

Having some of the building blocks present, is not considered to be sufficient to initiate reactions
towards abiogenesis. An essential step in the origin of life is to accumulate the various organic
compounds so they can react with each other. By concentrating the reactants and catalysts together
in an enclosed space, in a simple compartment, the chances of reactants to interact with each other

increases significantly.

1.2 Protocell models and compartmentalization

A protocell is defined as a self-organized structure which can serve as a model for the hypothetical
precursor of the first cells [2], and they are therefore considered to be the stepping-stone for the
emergence of life [17]. Prior to the arrival of complex biochemical machinery, the protocells would
have to be self-assembled structures [18]. How exactly protocells were formed on the early Earth

and what their exact structural and dynamic properties were, are still open questions.

Several different types of protocell models have been suggested. Among the structurally most
simple protocells is the so called coacervate. The coacervates are droplets of macromolecule-rich
phase submerged in an aqueous phase, much like an oil drop in water. These structures are not
surrounded by any membrane; the aggregated macromolecules are held together by intermolecular
forces. The macromolecules in a coacervate can be almost anything, such as lipids, peptides,
polyelectrolytes, sugar molecules and nucleotides [2, 19].

Protocells with an organized lipid membrane bear a higher resemblance to the current plasma
membrane surrounded cells as we know today. Membrane-surrounding protocells are thought to
have self-assembled from amphiphiles which were present on the early Earth and functioned as
compartments which confine and protect the first genetic/biochemical reactions [20].
Compartmentalization is considered to be a fundamental principle of life [17], because the ability

to concentrate and seclude substrates and catalysts to enhance the production of convenient
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molecules, is essential for further evolution of functional protocells [21, 22]. Amphiphiles, such
as fatty acids, can assemble without the establishment of covalent bonds thus the membrane does
not have to be formed as a result of chemical reactions, as the nucleotides and amino acids do, to
make nucleic acids and proteins. Self-assembled, spherical membrane compartments, freely

suspending in an aqueous environment, are widely the most accepted protocell models so far.

Lipid membranes have multiple biological functions that are crucial to life. Membranes can adopt
many shapes due to their fluid nature [23]. In addition to forming spherical compartments to make
organelles, or small cargo vesicles, the membranes in cells can also make nanotubular structures
and networks. Examples of a lipid tubular network is the endoplasmic reticulum (ER) which is
known to extend into the cell to enhance communication with other cellular organelles [3]. Tubular
structures called the stromules have also been observed between plastids of plant cells and are
thought to aid intracellular transport [24, 25] while tunneling nanotubes are used for intercellular
cell-to-cell communication [26], both in bacteria [27] and eucaryotes [26, 28]. Cells have also been
observed leaving behind nanotubes during migration, an action that is speculated to be used in

cell-to-cell communication with the cells that are trailing behind [29, 30].

1.3 Motivation and previous work

Study of the cell membranes is of great interest, as it can help to address for example the research
problems related to the membrane-associated proteins with important biological functions.
Surface-supported lipid membranes serve as suitable models to mimic the biomembranes. They
consist of 2D membrane areas that are easy to monitor and work with, compared to free-floating
vesicles [31, 32]. Other forms of model lipid membranes exist. In order to study tubular membrane
structures and their ability to act as transport routes to distribute cargo between their connected
compartments, vesicle-nanotube networks (NVN) have been previously fabricated. Simple
surface-supported NVNs can be made by manually by using micro-capillary needles [33-36], and

transport through the nanotubes can be investigated using fluorescence microscopy [34].

Recent findings show how membranous protocells can autonomously form and grow on mineral-
like surfaces in an aqueous environment, leading to the protocell-nanotube networks (PNNs). To

form PNNSs, small lipid compartments bud from the nanotube networks and grow over time into



giant protocells. The formation of the nanotubes and growth of the protocell are spontaneous
processes, and self-driven by the surface free energy of the system [37]. (cf. Background section
for detailed mechanisms behind the PNN formation). Note that the word “vesicle” has been
substituted with “protocell” to distinguish between the spontaneously- (PNN) and the manually-
formed networks (NVN). All the protocells in the PNNs are essentially unilamellar vesicular

compartments maintaining connection to lipid nanotubes.

Division of a protocell freely suspending in bulk solution, occurs via elongation of the vesicular
compartment in bulk solution, contraction in the middle and eventual separation [38]. From a free
energy point of view, this scenario has not been considered realistic. An experimentally feasible
alternative division event has been reported where multilamellar vesicles in bulk transform into
tubular vesicles due to fusion of micelles to the original compartment and later divide with gentle
mechanical agitation of the sample [39].

Recently a new division hypothesis has been developed focusing on the PNNs [40]. According to
this proposed model, the encapsulated content e.g., genetic material, can transport through the
tubes to nearby vesicles, resulting in protocells carrying the same genetic content (replication).
Upon gentle push of hydrodynamic flow, the compartments can physically separate from the rest
of the population (division) and migrate [40]. The division of the first cells could therefore have

occurred already when the protocell network is formed [37, 40].

The diffusive transport of fluorescein through toroidal membrane tubes has previously been
demonstrated in nanotube-vesicle networks manually created with glass capillaries, leading to an
evenly distributed fluorescein concentration among the vesicles within the network [41]. Further
evidence for transport through the nanotubes of the PNNs would support the possibility of an
alternative pathway for early, passive-diffusion based communication between the protocells
followed by division [40], and corroborate that PNNs can be plausible models for primitive cell-

like compartments.

1.4 Aim

The formation of PNNs was for the first time shown and characterized by Koksal et al. by using

several different lipid compositions [37]. In the previous studies, 0.5-1% of dye-conjugated lipids
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were added to view the membrane with fluorescence microscopy. It has been reported that labeling
a protein with dyes can affect the function of the protein [42], or that the labeled target can interact
with the membrane [43]. This opens up the possibility that the dye-conjugated lipids might have
influenced the membrane dynamics and played a key role in PNN formation and development. It
has not yet been ascertained if the protocell-nanotube network could be formed with the absence
of these dye-conjugated lipids. Thus, one aim of this thesis is to confirm whether the protocell-

nanotube network could be formed with pure, unlabeled phospholipids.

It was also previously shown that the fluorescent compounds could be encapsulated by the
compartments, and these molecules could be redistributed through instant fusion with other
compartments [37]. The possible transport of the contents through the nanotubes in the PNNs has
not yet been explored. The main aim of this thesis is therefore to show that the nanotubes are open
structures (not blocked by membrane defects) allowing the passage of contents and investigate the
diffusional transport of compounds inside protocell-nanotube networks (Figure 1). By using
fluorescently labelled compounds, we aim to monitor and quantify the fluorophore transport in the

nanotubes by using optical microscopy.

lipid protocells

~ .

fluorophores 4

lipid nanotube {

Figure 1: Schematic drawing showing the cross-sectional profile of a protocell-nanotube network. If the
nanotubes are open, transport of compounds from one compartment to another through nanotubes, would
be possible. The investigations on the possible transport via nanotubes, is the aim of this thesis.

In summary, there are two aims of this thesis: to find out whether PNNs can be formed from
membranes consisting purely of unlabeled phospholipids, and if the nanotubes between the

protocells of a PNN are open and can facilitate the communication between protocells.
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2 Background

This section contains the basic theoretical knowledge that is necessary to get a deeper
understanding of the lipid membranes, the main material used in this thesis work for model

protocell formation.

2.1 Lipid chemistry

Lipids are one of the four major classes of biomolecules; alongside carbohydrates, proteins, and
nucleic acids, they are the building blocks of life. Lipids are highly soluble in organic solvents,
and they are classified as: free fatty acids, triacylglycerols, phospholipids, glycolipids, and sterols
[44].

The simple fatty acids consist of a carboxylic acid followed by chain of hydrocarbons and are used
to store energy which can be used to fuel the cells. Naturally occurring fatty acids usually have an
even number of carbon atoms, ranging from 14 to 24 carbons [3, 44]. The fatty acids can be
saturated, meaning no double bonds between the carbons, or unsaturated where they have one or
a few double bonds, most commonly in a cis configuration at the end of the tail. The chain length
and degree of saturation determine the properties of the fatty acid. As seen in Figure 2, the cis-
double bond creates a kink in the hydrocarbon chain and limits the number of van der Waals
interactions by preventing tight packing of the fatty acids. Likewise, the shorter chains have less
opportunity for hydrophobic interactions [44]. Short tails and unsaturated cis configuration lead to
fewer interactions between the fatty acids, which lowers their melting point [44].
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Figure 2: lonized structures of C18 fatty acids, the saturated stearate and unsaturated oleate.

At physiological pH, the fatty acids are ionized and are represented by their carboxylate anion
forms (Fig. 2). In the body, fatty acids are stored as acyl chains in triacylglycerols to prevent their
acidic nature to disrupt the pH balance of the cells. Three arbitrary fatty acids are linked to a
glycerol (propane-1,2,3-triol) backbone through esterification to create triacylglycerols.
Esterification is the combination of an alcohol (ROH) and a carboxylic acid (RCOQOH) to obtain
an ester (RCOOR) and water (HOH). After three consecutive reactions, the glycerol which has
gained three acyl chains becomes a triacylglycerol. It is also through esterification processes that
many of the bigger lipids are formed. [44]

2.1.1 Phospholipids

Phospholipids, glycolipids and a sterol, cholesterol, are the three major lipids found in the
membrane, with the former being the most abundant. The phospholipid molecule contains one or
more fatty acids and a phosphate with an alcohol attached to it. The fatty acids and phosphate are
connected to a platform, either glycerol or sphingosine through esterification. Phospholipids with
glycerol backbones are called phosphoglycerides [44].

As stated by Jouhet [45, p. 2], “Major membrane phospholipids found in prokaryotes and
eukaryotes are phosphatidylcholine (PC), phosphatidylethanolamine (PE), phosphatidylglycerol
(PG), diphosphatidylglycerol (DPG) also called -cardiolipin, phosphatidylinositol (PI),
phosphatidylserine (PS), and phosphatidic acid (PA)”. These are all phosphoglycerides, with PA
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being simplest one, having only a phosphate group at the end of its head. The other
phosphoglycerides are derived from PA through ester linkage with alcohol groups of other
molecules onto the phosphate of PA. Combination of PA and a choline molecule creates a PC as
seen in Figure 3, where two myristic acids (saturated C12) are used to make
dimyristoylphosphatidylcholine (DMPC) [44].

polar head group unpolar tail

fatty acid

choline
phosphate
glycerol

fatty acid

Figure 3: Structure of the phospholipid dimyristoylphosphatidylcholine (DMPC).

2.1.2 Lipid self-assembly

Lipids consist of a polar head-group and at least one long, nonpolar tail. This makes the lipid both
hydrophilic and hydrophobic; a common term for containing both is amphiphilic. It is the long
organic tail that make the lipids insoluble in water. When pure lipids are submerged in water, the
hydrophobic region will not interact with the water molecules, and the presence of the freely
floating tail will restrict the movement of the water molecules. This increases the order of the water
molecules surrounding the chain [44], i.e., lowering the entropy, S, of the system. Since the entropy
change is negative (AS < 0), it results in an increase in Gibbs free energy, AG = AH — TAS. This

is unfavorable, as the system will always try to minimize its energy and become more stable.

One way of reducing the free energy is to minimize the hydrophobic area that is exposed to the

water molecules. This effect, called the hydrophobic effect, causes the lipids to assemble to seclude
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their tails from the water. Although the aggregation of lipids increases the order, the freed water
molecules cause more disorder, and the net entropy change is negative. The lipids assemble
spontaneously because it is a process that is self-driven by the hydrophobic effect [44, 46]. The
geometry of the lipid molecule affects the type of assembly, and depends on a factor called the
packing ratio, which is given by Equation 1 [46, p. 332]:

A 1

N =
LcAh

The V¢ and L. are the volume and length of the hydrophobic chain, respectively, and An is the
effective area of the head group [46, p. 332-334]. Examples of structural aggregates the lipids can
self-assemble into are shown in Figure 4. Lysophospholipids are phospholipids which contain a
single acyl chain, and they generally have a large head group compared to the chain body. Such
lipids will naturally form a positive curvature [45] upon gathering in a polar solvent (Fig. 4a).
Lipids with packing ratios of N ~ 0.33 adopt spherical shaped micelles (Fig. 4b). At N ~ 0.5, the

shape of the micelles become cylindrical, and they can pack together hexagonally (Fig. 4c).

In contrast, lipids with a small head group and a big tail make a negative curvature [45] (Fig. 4d).
Simple fatty acids fall into this category. Correspondingly these lipids tend to self-assemble into
inverted micelles (Fig. 4e) or hexagonally packed inverted cylindrical micelles (Fig. 4f) in

nonpolar solvents.

Meanwhile, lipids with N = 0.5-1 prefer to arrange themselves into lamellar structured bilayers.
Phospholipids with two alkyl chains are examples of such bilayer lipids. With a packing ratio
slightly below 1, these bilayers are flexible and can form liposomes, i.e., vesicles (Fig. 4h), while
lipids with packing ratio, N = 1, are arranged into real planar bilayer (Fig. 4i). Inverted liposomes

can also exist, but only in nonpolar solvents [46, p. 332-334].

Many kinds of lamellar structures are given different names. Vesicles that are called unilamellar
vesicles (UVs) consists of a single bilayer and they come various sized. A small unilamellar vesicle
(SUV) is smaller than 100 nm in diameter. Large unilamellar vesicles (LUVs) ranges between 100
nm to 1 um, and giant unilamellar vesicles (GUVs) are larger than 1 um. Vesicles with more than

one bilayer are called multilamellar vesicles (MLVs) and they contain a lot of lipids [47]. The
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PNN arise from an MLV, creating many unilamellar protocells in a process that will be explained

later.

The structure of the acyl chains incorporated in the phospholipid determines the properties of the
membrane [48]. Adjacent phospholipids in a membrane can switch positions about 107 times per
second, which means a lateral movement of 2 um/s [49]. The fluidity of a membrane directly
affects the permeability of the membrane, which regulates how easily molecules can pass. Even
the water molecules can not readily pass, thus the biological cells employ aquaporins to allow the
water to pass the membrane (up to 3-10° molecules per second) [49]. The restriction of ions and
H* ensures that organelles can have the optimal pH for their respective enzymatic reactions, and

allows the buildup of a proton gradient in the mitochondria, which is essential to produce energy

[3].

N =0.33-0.5
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Figure 4: Lipids can self-assemble into various of aggregate shapes. (a) Lipids with large head group
assemble into (b) spherical micelles or (c) cylindrical rods which can be packed hexagonally. In nonpolar
solvents: (d) lipids with small headgroup arrange themselves into (e) inverted spherical micelles, or (f)
inverted cylindrical micelles which can also be stacked hexagonally. (g) Lipids which structures resembles
acylinder, create less curvature, and they assemble into lamellar phases like (h) vesicles or (i) plane bilayers
in aqueous solution.

2.2 Surface energy

It was briefly mentioned in the Introduction that mineral surfaces on the early Earth could have
supported catalytical reactions [10]. In fact, it has been shown in [50] that minerals interacting
with amphiphiles enhances the assembly of vesicles. To be able to explain how surfaces can
facilitate membrane assembly at the mesoscale, an understanding of surface/interface energy is

essential.

An interface is the region between two phases. The term is used when the phases are given by
name, for instance, the water-air interface, or water-oil interfaces. For the three phases, solid, liquid
and gas, there are five types of interfaces: solid-solid, solid-liquid, solid-gas, liquid-liquid, and
liquid-gas. There is no boundary between gasses, thus a gas-gas interface does not make sense.
The word “surface” is often used interchangeably with interface, preferably between a condensed
phase (either a solid or liquid) and the non-condensed gas phase. For instance, the glass-air and

water-air interfaces are usually called glass surface and water surface [46, p. 1].

At an interface, the situations of the atoms or molecules are different than in bulk. The surface of
water is illustrated in Figure 5. In the bulk phase, each molecule is interacting uniformly with its
surrounding neighboring molecules through the hydrogen bonds. The water molecules at the
surface can only interact with a limited number of neighbors, creating a net force pulling the
molecules into the bulk. Some energy is stored in the hydrogen bonds, and the surface molecules
have fewer interactions, resulting in a higher free potential energy compared to the bulk, i.e., higher

surface tension. The stronger the interactions are within the bulk, the higher the surface tension is.
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surface

bulk

Figure 5: Interactions of the adjacent molecules to a water molecule at the surface compared to those in the
bulk.

The system will try to minimize the surface area, to decrease the surface tension. The surface

tension, vy, is defined in Equation 2 as:

Y=
and is given in units of (J/m? or N/m). W is the work needed to expand the surface by an area, A.
The surface tensions of liquids are typically 20-80 mN/m [46]. For solid surfaces, this tension is

usually called surface energy, and in this thesis, we look at tension and energy as the same.

Figure 6 illustrates a liquid drop (phase 1) on top of a solid material (phase 2), in a surrounding,
second liquid (phase 3). At the edge of the drop, where all three phases meet, is also the meeting
point between all three interfaces and their energies (y,,v13 and ,y,3) can be seen as forces

wourking on the drop (arrows). The angle, 8, between the y,, and y, 5 is called the contact angle.

phase 3
Y13
7] phase 1
( V23 ;
V12
phase 2

Figure 6: Interfacial energies working at the corner of a lipid drop.
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The situation in Fig. 6 can be described by Equation 3 which is the Young’s equation [46],

Y23 = Y13 €05(0) + ¥12 3

where 6 is the contact angle between the liquid drop and the solid material. The interfacial energies
act as forces on the drop, in the direction which minimize the total energy of the system. If the
drop were to spread and wet the solid material, there would be an increase in the interfacial area
between phase 1 and 2, as well as phase 1 and 3, but a decrease in interfacial area between phase
2 and 3. For a complete spreading the contact angle is zero, so cos@ =1 and the spreading

coefficient S;,, given by Equation 4:

S12 = V23 — V13 — Y12 4

is zero. When S;, = 0, y,5 is larger than or equal to y;3 and y;, added together, and it means that
net force ecnourages spontaneous spreading. This means that wettability is favored by large y,s.
High-energy solid surfaces will therefore contribute to more spreading, and acording to de Gennes,
"Most molecular liquids achieve complete wetting (S = 0) with high-energy surfaces” [51, p.
831]. Lipid membranes are 2D fluids which can wet mineral high energy surfaces. The
mechanisms that drive nanotube and protocell formation relies in the (Helfrich) membrane energy,

which will be explained in the following section.Methods

2.3 Membrane energy

Lipid membrane consists of two layers of lipid sheets, also called leaflets. Two leaflets with the
hydrophobic tails facing each other make a bilayer which is about 5 nm thick [3]. A flat membrane
can undergo deformation and be arranged into a variety of shapes and structures. The types of
deformation are shear, thickness change, stretching and bending. In the plasma membrane, proteins
can form raft domains that are segments of concentrated membrane proteins held together with
weak interactions. These domains have an increased membrane thickness and their composition
differ from the outside [3, p. 572]. Opposite (shear) forces on the two leaflets can therefore cause
shear and thickness deformation in the membrane. In a pure lipid membrane without proteins, a

uniform thickness and composition is assumed. Therefore, the only deformities to consider are
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stretching and bending. The stretching and bending energies of a lipid bilayer can be summed up

in Equation 5, which describes Helfrich’s theory of membrane elasticity [52].

1
E = f [Ekb(Cl + ¢y + ¢g)? +Ebclcz] dA +fy dA

where the first term is the bending energy, and the last term is the stretching energy. The latter
includes the membrane tension, y, which is related to the stretching modulus, x by Equation 6
[52]:

Y=KaA_O

Here, AA is the surface area change, and A, is the inital surface area. The ¢, and c, in the bending
term are the principal curvatures, and A is the surface area. k,, is the bending modulus for rigidity
and lies between 10 — 20 k, T [53], where k;, = 1.38 - 10m~23] /K is the Boltzmann constant.
The Gaussian bending modulus, ¥, is only important for systems undergoing drastic topological
changes. The spontaneous curvature, c,, appears when there is a variation in the lipid species
comprising each monolayer leaflet. This does not apply to the membranes we used to form PNN.

By omitting c, and k,,, the elastic membrane energy is simplified to Equation 7 [53]:

Kp
Epena = 7f(cl + CZ)ZdA

Various lamellar structures have different principal curvatures and surface areas, some of them are

given in Figure 7, and their bending energies can be calculated using Eq. 7.

Plane Sphere Cylinder

2 ‘ 1 1 1
/ C1:C2=O JCl:CZZE Clz;' C2:;=0
A=xy A = 4nR? - A =2mrl + 2mr?

Figure 7: The principal curvatures and surface areas of different geometries. The cross sectional area of
the cylinder is omitted [53].
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For a plane membrane with no principal curvatures, there is no bending energy. A cylinder has a
curvature of % where r, is the radius of the cylinder. With the surface area of a tube being 2nrl,

where [ is the length of the tube, the bending energy for a nanotube can be calculated as in

Equation 8:

Kp [ (1) kp 1 kL 8
Eb,nanotube = 7] (;) dA = 7 . T_Z -2nrl = -

A sphere has two equal principal curvatures of % where R, is the radius of the sphere. A spherical

vesicle with the surface area of a cylinder, 4wR?, the bending energy for the vesicle is given by

Equation 9:

Ky [ (2 K, 4 X 9
Ep vesicle = 7] (_> dA = *4mR* = 8k,

R 2 R?
The bending energy of a pure lipid vesicle is independent of its size, since the radius has

disappeared from the final term [54].

2.4 Protocell-nanotube network formation

The formation of phospholipid films on solid substrates have been investigated on several surface
materials by J6emetsa et al. [55]. Formation of monolayers, single bilayers, and double bilayers,
were observed in this study, which depended on both the lipid composition and the surface. Lipid

reservoirs (MLVs) form a double bilayer film upon contact with a high energy solid surfaces [56].

2.4.1 Double bilayer adhesion and spreading on the surface

In an aqueous environment, upon contact with a high-energy surface, a multilamellar vesicle
(MLV) starts to spread on the surface due to adhesion; a process termed surface wetting. The
spreading of the membrane on the solid surface is surface tension driven, where the system lowers

the overall surface energy [57]. This is illustrated in Figure 8.

16



The interfacial energy between the SiO> surface and the aqueous ambient buffer is higher than the
interface of a membrane covered surface, which leads to the spreading of the membrane in form
of a double bilayer. The proximal bilayer (lower with respect to the surface) gets pinned to the
surface as it spreads on the surface, while the distal (upper) bilayer keeps spreading on the proximal
membrane. The MLV at the center of the spreading is the lipid source which provides lipid material
to the expanding double bilayer. In addition, the edge of the spreading, where the proximal and
distal membrane is connected has a sharp curvature, causing high membrane tension. The lipids in
lower tension areas of the membrane will therefore be rapidly drawn to the spreading edge. The
tension-driven flow of the lipids is due to the Marangoni effect [58]. The Marangoni flow directs
the lipids in the distal bilayer to the edge, drawing material from the reservoir for continuous

spreading.

MLV
high energy surface
// \\
Y1 yd . \
—— pd g \\
// - \\
\ \
\ \\
: \\/(/ Y1, edge \
distal bilayer \ \
\ \
\\\ \\
7
proximal bilayer Y2 > V12 ///
. /
/,,/x e - ) /
/ V12 V2 _ /

Figure 8: The surface tensions involved in the spreading. The membrane tension at the edge, y1 eqge, 1S

higher than the membrane tension elsewhere y,, because of the curvature. The interfacial energy between
the membrane and the SiO- surface, y;,, is lower than the energy of the aqueous buffer-substrate interface,

V2.
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2.4.2 Nanotube and protocell growth

At some point, the wetting of the surface by the membrane comes to a halt. The reason can be that
the MLV is used up, or the spreading has proceeded so much that the amount of lipids needed for
further wetting cannot be provided to the membrane edge fast enough. When this happens, the
distal membrane becomes stretched and tense due to continuous adhesion [37].

Figure 9 illustrates the steps in PNN formation. When the tension becomes too high, the distal
membrane shown in Fig. 9a eventually ruptures, and retracts on (de-wets) the proximal membrane
and rolls out onto the surface [37]. Because Ca?* in between the two bilayers promotes pinning
[59] and the adhesion of the two bilayers, some regions of the distal layer remain intact during
rupturing and remains adhered to the proximal layer (Fig. 9b). These fragments eventually become
lipid nanotubes (Fig. 9¢). Small vesicles bud from the nanotubes (Fig. 9d) and mature over time
(Fig. 9e) [37].

a double bilayer single bilayer

rupture (proximal)
/ @ protocell
growth

distal bilayer
b fragments

Si0,-surface

5

d protocell
budding

C naotube
formation

f upper, distal

membran\
lower, proximal o

membrane
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Figure 9: The steps in PNN formation after double bilayer spreading of an MLV. (a) intact double bilayer
becomes tense and (b) the distal membrane ruptures. (b) Pinning of calcium between the upper and lower
bilayer makes the retracting bilayer leave behind lipids in as elongated fragments (not to scale). The
fragments (f) which in reality feature a curved edge (g) bend into a nanotube (h, not to scale), and the latter
constitute nanotubes (c) from which protocells can emerge (d) and grow (e).

The transitions from lipid patches to nanotubes, and finally to protocells are driven by membrane
tension and membrane energy. Fig. 9f shows a schematic drawing of a long distal membrane
fragment formed during rupturing. This fragment is pinned by Ca?* to the proximal bilayer. To
shield the hydrophobic tails of the lipids at the ruptured edge, the bilayer instantly creates a
strongly curved edge along the sides (Fig. 99). The energy required to maintain the curved edge is
proportional to the length of the edge and the membrane tension at the edge. Equation 10 shows
the edge energy of a circular pore with radius, r, and line tension, y, for a membrane with thickness
dm [54]:

Epore = 2mrydpy, 10

For a narrow thread of membrane like in Fig. 9f, the edge energy is proportional to the length of
the membrane, and Eq. 10 can be written as Equation 11:

Eeage = 2Lydp, 11

According to Sackmann [54], yd,, = 5- 10711 N at room temperature for a membrane that is
composed of phospholipid DMPC (structure in Fig. 3). The edge energy required to create an edge
along the sides of a 10 pum long DMPC membrane is calculated with Eq. 11 and in an order of
2-10%k,T.

Another way to shield the lipid tails from the water is shown in Fig. 9h, in which, the membrane
bends to form a nanotube. Eq. 8 shows that the energy required to bend an elongated membrane

region into a nanotube is K”Tm The bending energy for a 10 um nanotube with 50 nm radius is in

the order of 7 - 103 k, T, for T=300 K and k;,, = 0.5 J. The edge energy required to maintain the
membrane in its flat form is about a 100-fold higher than the bending energy cost required to form

a nanotube from it. As a result, the formation of a nanotube is more favorable.
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A nanotube, however, still has a high curvature and energy. In comparison, a vesicle with the same
lipid composition and of any size would have a bending energy in the order of around 100 k,T.
Over time, the highly curved nanotube fragments swell where membrane curvature is reduced,
leading to the formation of spherical lipid compartments: model protocells. The membrane
material required for swelling is either obtained through consuming the nanotubes (complete
transformation of a nanotube to a spherical compartment) or is provided by the flow from the

reservoirs in remote locations through connected nanotubes (Marangoni effect).
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3 Methods

This section will focus on the methods and setup employed to perform the experimental work
discussed in this thesis. The utilized methods are the preparation of lipid suspensions and vesicles,
preparation of the sample chamber, fluorescence and differential interference contrast (DIC)
microscopy, application of an open-volume microfluidic device for superfusion. A detailed

description of the important microscope techniques along with FRAP is included.

3.1 Chemicals and buffer solutions

Deionized (DI) water (acquired with a Millipore Milli-Q® Gradient A10 water purification system
from Merck) was used for the preparation of all buffers. Cleaning of all items, e.g., glassware, was
done following the same procedure: rinsing with isopropanol three times, followed by rinsing with
water three times, and blow-drying with N>.

Following chemicals were obtained from Sigma-Aldrich/Merck (Darmstadt, Germany):

e 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES, titration, > 99,5%)

e NaCl (for molecular biology, titration, > 99%)

e CaCl, (anhydrous, BioReagent grade, > 96%)

e 2-Amino-2-(hydroxymethyl)-1,3-propanediol (Trizma base, crystalline, titration, > 99,9%)

o K3POy4 (reagent grade, > 98%)

e MgSO47H:0 (BioUltra grade, KT, > 99,5%)

e ethylenediaminetetraacetic acid disodium salt dihydrate (EDTA-Naz, ACS reagent grade,
99.0 - 101,0%)

e H>KPOj4 (anhydrous, ACS reagent grade, > 99%))

e chloroform (anhydrous, > 99%)

e glycerol (> 99%)

e Soybean polar lipid extract

e E. coli polar lipid extract

e 16:0 Rhod Liss PE
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Sylgard™184 was purchased from Electron Microscopy Sciences. ATTO488 carboxy was
purchased from Atto-Tech, and the nuclease-free water from Thermo Fisher Scientific. Fluorescein
amidite (FAM) conjugated to single-stranded 20-base DNA (5/56-FAM/TGT ACG TCA CAA
CTA CCC CC-3) were obtained from Integrated DNA Technologies, USA. Fluorescein
isothiocyanate (FITC) conjugated to 10-base RNA oligomer (5'-FITC-AAA AAA AAA A-3')

were obtained from Dharmacon, USA.

3.1.1 Buffer preparation

Three types of buffers were used during the experiments. Two types of HEPES buffer were used.
One without Ca?* to rehydrate dry lipid films, and one with Ca?* to promote spreading of MLVs.
The amount of chemicals in the HEPES buffers and the phosphate buffered saline (PBS) are listed
in Table 1 and Table 2, respectively.

Table 1: HEPES buffer
Chemicals | Concentration | Mass

(mM) (9)
HEPES 10 1.906
NaCl 100 4.675
CaCly 4 0177

To prepare the HEPES buffers, HEPES and NaCl in the stated amount in Table 1 were added to a
cleaned glass bottle with 796 mL DI water and stirred with a magnetic stirrer. The solution was
then divided equally into two bottles, each containing 398 mL CaCl, was added to one of the
bottles under stirring, creating one buffer with 4 mM Ca?* calcium (Ca-HEPES) and the other one
free of Ca2+ (Na-HEPES). The pH of the buffers was adjusted to 7.8 with 1M NaOH solution.
The buffers were vacuum filtrated through a 0.2 nm filter and aliquoted into 50 mL falcon tubes

and kept in -20 °C until use. The frequently used solution tube was kept in fridge at 4°C
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Table 2: PBS buffer

Chemicals Mass (9)

Trizma base 0.2424
K3POy 2.5474
MgSO4-7H20 0.1390
Na,EDTA 0.0749
KH2PO4 1.63
MgS04-7H,0 0.1390

For the preparation of the PBS buffer, 398 mL DI water was first added to a cleaned glass bottle
and heated to 50°C. The chemicals were added under stirring in the order that is listed in table 2.
The MgSO4-7H20 was added in two steps and the solution was stirred for 1 h in order to completely
dissolve it. The pH was adjusted to 7.4 with H3POa. The buffer was filtered, aliquoted to 50 mL

falcon tubes, and stored in the same way as the HEPES buffers.

3.2 Preparation of lipid suspensions

Labeled and unlabeled lipid stock solutions of different compositions were prepared using the
dehydration-rehydration technique [60] from soybean polar extract (SPL) and E. coli polar extract
(EPL). As the first step, the lipid suspensions of 3000 ug lipids, including the lipid-conjugated
fluorophores (1%), were dissolved in 300 pL chloroform in a glass vial. Table 3 through Table 6,
show the lipid composition of several stock lipid suspensions used in this thesis, the amount of
lipid and the lipid-conjugated dye, 16:0 Rhod Liss PE (Rhod PE), that were used to prepare them.
The final mixtures all have a lipid concentration of 10 mg/ml. Detailed lipid species in SPL and
EPL are listed in Table 7 and Table 8 in the Appendix.

Table 3: Unlabeled lipid suspension made of SPL (100 wt%)

] .. Volume
E:ncig/cr(:]rll_t)ratlon (Wt%o) (ng)' d mass chloroform
a (uL)
SPL 25 100 3000 120
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Chloroform

Total

3000

180
300

Table 4: Labeled lipid suspension made of SPL-Rhod PE (99:1 wt%)

. . Volume
E:nc])g/cnir[[)ratlon (Wt%o) I("g)' d mass chloroform
a (uL)
SPL 25 99 2990 118.8
Rhod PE 1 1 10 30
Chloroform 151.2
Total 3000 300

Table 5: Unlabeled lipid suspension made of SPL-EPL (50:50 wt%)

. .. Volume
(Crr(?g/crarll_t)ratlon (Wt%o) I(‘ulg)' d mass chloroform
(uL)
SPL 25 50 1500 60
EPL 25 50 1500 60
Chloroform 180
Total 3000 300

Table 6: Labeled lipid suspension made of SPL-EPL-Rhod PE (49:50:1 wt%).

] .. Volume
E:nc:g/c;?_t)ratlon (Wt%o) I("g)' d mass chloroform
a (uL)
SPL 25 49 1490 58.8
EPL 25 50 1500 60
Rhod PE 1 1 10 30
Chloroform 151.2
Total 3000 300
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The steps for lipid preparation have been illustrated in Figure 10. Subsequently, the mixture was
transferred to a 10 mL cleaned pear-shaped bottom flask and placed in a rotavapor where the lipid
mixtures were evaporated at 24 rpm and reduced pressure (20 kPa) in 23 °C water bath. The
chloroform inside the flask evaporated over 6 hours. 3 mL PBS and 30 pL glycerol was added to
the dry lipid film in the flask and kept at 4°C overnight for swelling. The following day, the

suspension was sonicated for 5-10 s, 100 ul aliquots were prepared and stored at -18°C.

chloroform

f + lipids

rotavapor sonication, 10 s -18°C

Figure 10: Preparation of lipid suspensions.

3.3 Sample preparation

The steps for sample preparation are illustrated in Figure 11. To prepare the samples, a 4 uL drop
of thawed lipid suspension (section 3.2) was placed on a clean glass cover slip using an automatic
pipette. The cover slip was then placed in a desiccator and dehydrated for 20-25 min under low
pressure. The dry lipid film was rehydrated with 0.5-1 ml of Na-HEPES buffer for 10 min. The
rehydration drop was aspirated with a Pasteur pipette to the observation chamber.

A silicon-frame made from polydimethylsiloxane (PDMS), adhered on the SiOz-surface
constitutes the observation chamber (Figure 11). The PDMS was made by mixing the
Sylgard™184 elastomer base and curing agent in a 10:1 ratio and baked in a silanized glass petri
dish at 100°C for one hour [61]. A frame with desired shape and size can be cut out from the PDMS
layer formed in the petri dish. The fabrication of the SiO»-surface is explained in the next section.
The SiO2-surface was plasma cleaned for 5 minutes, and a clean, PDMS-frame was air-sealed on
the SiO-surface. The chamber was filled with the Ca-HEPES buffer to which, the rehydrated
lipids were added.
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A petri dish with closed lid was used to store the sample at room temperature for 2-3 days for PNN
formation and protocell growth. Ca-HEPES was added to the sample periodically to prevent it
from drying out due to evaporation. Alternatively, to speed up the protocell growth, the sample
was incubated in 35°C until the following day. Temperature was previously shown to facilitate the
vesicle growth [62]. The samples containing the PNNs were then brought to the microscope for

inspection and experiments.

4 uL
Na-HEPES Ca-HEPES PDMS -
} frame
thaw \
SOy
dehydration, 20 min rehydration, 10 min surface 3 days at 20°C / 1 day at 35°C

Figure 11: Sample preparation.

3.4 Surface fabrication

SiO»-surfaces were fabricated in UiO MiNaLab, at the Norwegian Micro- and Nano-Fabrication
Facility, NorFab, by using physical vapor deposition (PVD), with the Angstrom E-beam

instrument.

PVD is used to deposit atomically thin films of a material onto a substrate; a simple schematic is
shown in Figure 12. Briefly, the deposition material is placed in a crucible and heated under
vacuum, until it evaporates. The vacuum minimizes interactions with other gas molecules and
makes it possible for the vaporized material molecules to move in a straight path, hitting the
substrate that is mounted on the sample holder above the crucible. The vaporized material
condensates onto the substrate [46]. The Angstrom instrument uses an electron beam (E-beam) to
evaporate silica pellets. The E-beam is guided to the crucible by an electromagnetic field. Using

PVD with E-beam evaporation, glass cover slips were covered with a 84 nm thick layer of SiOs.

26



sample holder *

crucible with
silica pellets

Figure 12: Schematic drawing explaining the basic principle of PVD with E-beam evaporation.

3.5 Microscopy and imaging

Two different fluorescence microscopes were used to capture the resulting images presented in
this thesis: An epi-fluorescence microscope was used to capture static images of the networks: a
Nikon Eclipse Ti2 combined with a Prime 95B camera from Photometrics. The other is a laser
scanning confocal microscope (Leica DMi8), which was used in encapsulation and FRAP
experiments. Both are inverted microscopes, with the light source and the condenser situated above
the stage, while the objective is under the sample stage. Figure 13 shows a photograph of the main

components of the confocal microscope most frequently used for imaging in this thesis.
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Figure 13: Photograph of the confocal microscope. It is an inverted microscope with condenser and light
source positioned above the stage (left), and the objectives located underneath the stage (right).

Either a 40x objective or the 60x objectives were used with numerical apertures (NAs) of 1.3 and
1.4, respectively. Both were immersion objectives which require the use of oil with high refractive
index. When loading the sample onto the stage, a drop of Leica Immersion Oil (standard and type
“F”’) was placed between the cover slip and the objective front lens. The oil has a refractive index
of 1.51, which is similar to the refractive index of glass. When light travels between media of high
to low refractive indices, the refracted angle becomes larger than the incident angle. Having air as
a medium between the sample and the objective instead of oil, causes refraction, lowering the
resolution. Since the indices of the oil and glass are almost the same, with the use of immersion
oil, the refraction at the interface can be reduced, hence more light reaches the objective resulting

in high resolution. [63]

There are two ways to illuminate a sample: via transmitted (diascopic) and reflected light
(episcopic). Simple schematics of the two methods are shown in Figure 14. Transmitted
illumination is used in DIC and other bright-field techniques. The detector is at the opposite side

of the light source, with respect to the sample. This means that the light coming from the light
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source passes the sample where changes in transmitted light due to the structure and thickness of

the sample, is detected by the detector.

Reflected illumination is used for fluorescence microscopy, where the light used to illuminate the
sample is not the light that is detected. In this setup, the laser light is used to excite the fluorescent
molecules in the sample, and the emitted fluorescence light is detected. The dichroic mirror allows
light of certain wavelengths to pass through the material, while other wavelengths are reflected
[64, 65]. More detailed information about fluorescence microscopy has been presented in the next
section.

condenser

[ ~— ) sample
sample @9 g

objective
objective
dichroic Y
mirror
<« 1
emission |
filter exitation
filter
v \
detector detector

Figure 14: Simplified schematics of transmitted and reflected illumination. In transmitted illumination the
light source and the objective are on opposite sides of the samples, and the light travels through the sample
(left). During reflected illumination, the light source and the objective are on the same side relative to the
sample (right). The light is reflected onto the sample with a dichroic mirror.
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3.5.1 Fluorescence microscopy

Fluorescence is the light emission in the form of a photon during the relaxation of an excited
fluorophore molecule. The Jablonski diagram in Figure 15 shows the electronic states of a
fluorophore molecule and the transitions between them [66]. During absorption, an electron in the
ground energy state is excited to a higher energy state. This can happen during the exposure of the
fluorophore molecule to laser light. The electron then returns to lower energy levels through non-
radiative transitions, followed by releasing a photon i.e., light emission. Due to the non-radiative

transitions, the energy of emitted photon is lower than the energy of the excited electron.

The energy of the photon is given by E = % where / is the wavelength of the oscillating light.

Since the speed of light, ¢, remains unchanged, the wavelength at which the emission occurs, is
shifted to the right of the spectrum as illustrated to the right in Fig. 15.

excited state

[

3 non-radiative
\ 2 fransitions
4

energy
intensity

e fluorescence
excitation

emission

absorption

ground state

Figure 15: Jablonski diagram (left) and absorption-emission spectra for an arbitrary fluorophore (right).

The distance between the absorption maxima and the emission maxima is called the Stokes’ shift.
In fluorescence microscopy, a laser of certain wavelength, specifically around the absorption
wavelength of the fluorophore is used to excite the molecule, and the fluorescence emission is

collected at a longer wavelength.

To use fluorescence microscopy, a molecule capable of fluorescence -a fluorophore- is required.

Figure 16 shows structures of the fluorophores used in this thesis. The fluorescent molecules are
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derived from the fluorescein molecule and are water soluble. All dyes have similar absorption and
emission spectra. The fluorophores were excited by 495 nm light, and emission was collected 510-
560 nm.

Ponnnrna
ATTOA488 FITC-RNA (10 bases) FAM-DNA (20 bases)
MW=804 g/mol MW=3767.5 g/mol MW=6519.4 g/mol

Figure 16: The structures and molecular weights of the three fluorophores that were used in the
experiments. The chemical structures of RNA and DNA are not shown, but their weights are included.

3.5.2 Confocal microscopy

Confocal microscopy is essentially the same as fluorescence microscopy, but with the ability of
sectioning the sample in different layers. Confocal microscopes have two pinholes in the light path,
one in front of the light source, and another in front of the detector. The former limits the excitation
laser to a defined focal plane of the sample, while the latter prevents the fluorescence from other
planes other than that same focal plane to reach the detector [67]. An illustration on how the
detector pinhole works is shown in Figure 17. Only fluorescence from molecules in the focal plane
can go through the pinhole and be detected. The fluorescence coming from a point above the focal
plane reaches the objective lens with an incident angle that makes it refract to a spot outside the
pinhole, filtering it out. This also applies to any fluorescence located below the focal plane. The
thickness of the section increases by increasing the size of the pinholes. Sectioning of the sample
in multiple layers, makes it possible to construct 3D images with high resolution, by simply

combining the scans from different sections.
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Figure 17: The confocal pinhole allows only light from the focal plane to reach the detector.

3.5.3 Differential interference contrast (DIC) microscopy

Differential interference contrast (DIC) is a diascopic wide-field microscopy technique that is

suitable for imaging transparent specimen. DIC is based on the phase shift that occurs when light

travels through the sample, which has a refractive index higher than air. As seen in Figure 18 the
phase shift depends on the length that the light must travel through before exiting the medium, i.e.,

specimen thickness.
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\J

Figure 18: Going through a medium (in grey) with another refractive index and varying thickness results
in phase shift.

Figure 19 is a schematic of how the light is processed in DIC microscopy. The light is first sent
through a polarizer, which only allows 45° polarized light to pass. Next, it goes through the
Wollaston prism which consists of two segments of birefringent material, through which, the
polarized light is split into two perpendicular rays of 0° and 90°. These rays are refracted away
from each other because they have different polarization. Upon going through the condenser, the
two rays proceed as close parallel rays before reaching the sample. When the light rays reach the
specimen, which has a higher refractive index than air, the speed of the light will slow down, and
the wavelengths become compressed. Once the light exits the specimen, it recovers its previous
speed and wavelength. Depending on the distance in the sample the light rays has traveled, a certain
phase shift occurs. Different refractive indices within the specimen will also contribute to phase
shifts. After exiting the sample, the light rays are then combined in another Wollaston prism, where
they interfere. According to the interference between the rays, brightness or darkness is added to

the intensities of the image, producing contrast. The light then passes through a 135° polarizer
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termed the analyzer, which filters out the light ray pairs that did not experience phase shift [68].

Resulting transparent samples, e.g., unilamellar vesicles, typically have a 3D appearance.
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0° 90°
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0° 90°
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135¢
Wollaston prism \ x
135°

analyzer @5

detector Y

Figure 19: Schematic drawing showing the light path in DIC microscopy.
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3.6 The open-space microfluidic pipette

Microfluidic pipette is an open space microfluidic device (Fluicell, Sweden) made of the flexible
elastomer (PDMS). As seen in Figure 20a, it has a total of eight wells; the 4 front wells are filled
with the fluids that are to be superfused with surface-adhered objects, while waste is collected at
the four back wells. The wells are connected to the three channels on the tip of the pipette (Fig.
20b). The center channel is flushing the solution from a chosen front well, while the two outer
channels are aspirating both the content that is released from the pipette and the ambient buffer,
collecting everything at the back wells. The continuous inflow and outflow of buffers creates a
recirculation zone at the tip. The controlled volume of solution in the recirculation zone is exposed
to the object of interest on the solid substrate, e.g., a biological cell, and does not mix with the
ambient buffer due to low diffusion [69, 70]. The flow going in and out of these channels is
controlled by pressure (Fig. 20c), which can be adjusted to alter the shape and size of the

recirculation zone.

Figure 20: Microfluidic pipette. Photograph of (a) the microfluidic pipette containing eight wells, (b) the
tip of the pipette, under a stereo microscope, (c) the microfluidic pipette holder, the pneumatic pump and
tubing connecting the two units.
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The microfluidic pipette was used to introduce the fluorescent compounds to the protocell-
nanotube network. Figure 21 illustrates of the microfluidic pipette delivering content to the local

area.

/;‘ pipette tip \ recirculation zone

ISV

-

LU N

nanotube J —

|

Figure 21: Microfluidic pipette creates a local recirculation zone in which selected vesicles can take up the
content.

In order to encapsulate the fluorophores inside the vesicles of PNNs, the selected well was filled
with 30 pl of the fluorescence solution (500 uM ATTO488 and 200 uM FAM-DNA). Because the
RNA is very unstable, sterilized pipette tips were used to add nuclease-free water to dilute FITC-
RNA to 100 pM.

3.7 Fluorescence recovery after photobleaching
(FRAP) analyses

Fluorescence recovery after photobleaching (FRAP) is a popular fluorescence technique to study
membrane dynamics and diffusion properties. By exposing a fluorophore to high energy laser, one
can induce a structural change in the molecule and permanently shut off its fluorescence capability

i.e., the molecule becomes photobleached. There are three stages in a FRAP experiment (Figure
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22): the period which is recorded prior to the bleaching (Fig. 22a), the time when the actual
photobleaching transpires (Fig. 22b), and the post-bleach time where the fluorescence recovery is
measured (Fig. 22c). Figure 22 illustrates that when a fluorescently labeled membrane is
photobleached in a small area, that area will recover. This occurs due to the lipid’s lateral diffusion.
In a 2D fluid membrane, the lipids with functioning fluorophores mix with the photobleached
lipids and as a result, the initially photobleached area becomes fluorescent again. The recovery can
be observed when fluorescence intensity in the region of interest is plotted over time (Fig. 22d).
The time it takes for fluorescence to recover is directly related to the mobility of the lipid within
the membrane. Similarly, if the fluorescently labeled content of a vesicle in a protocell-nanotube
network recovers after it have been photobleached, this would indicate that through the molecular

diffusion of fluorescent tracers inside the network to the photobleached vesicle (Fig. 22e).

Fluorescence intensity

Photobleaching
(@)

. })
/B time _ nanotube

Figure 22: Illustration of the FRAP process. (a) pre-bleaching period, (b) right after photobleaching, and
(c) during recovery (post-bleach). (d) Fluorescence intensity of the circular ROl in (a-c) as a function of
time. (d) Diffusion of molecules between vesicles in a PNN happens through nanotubes.

Transport in lipid nanotubes can be driven by three main mechanisms [35]: diffusive motion [41],
tension-driven transport (Marangoni effect) [58, 71], and electrophoretic transport [72]. Diffusive
motion is driven by concentration differences. The diffusion direction of molecules is down the

concentration gradient, i.e., the molecules will move from high to low concentration until the
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gradient disappears. The rate of the diffusion is not constant and is determined by the gradient

which is also changing over time.

Fig. 22e shows a 2-vesicle system, with one vesicle containing molecules of same type, and the
other free of these molecules. The two vesicles are connected by a single nanotube. If the
transportation of the molecules is only governed by molecular diffusion, the concentration
difference will decay exponentially with e~t/Tretax, The relaxation time, T,eqy, IS given by
Equation 12 [73]:

A/ 12
relax =y 4V, mr2D

where V; and V, are the volumes of the empty vesicle and the neighboring vesicle, respectively.

The diffusion coefficient D, is distinct for each molecule, while r and [ are the radius and length

of the nanotube. If V = %d3 and the standard length, I =1’ +@, where [" is the distance

between the two vesicles, Eq. 12 can be written as Equation 13:

,,dy+d 13
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The above equation assumes that the nanotube is straight, and that it connects two spherical
vesicles with the connection point being at the bottom and normal to the center of the vesicles. An
important thing to mention is that in the FRAP experiments performed in this thesis, the photo-
bleached vesicle is not only filled with buffer free of fluorescent molecules, but contains molecules
such as RNA, where the fluorophore initially attached to it has been photobleached. In principle,

the presence of molecules might affect the trafficking and influence the diffusion.

A theoretical curve can be fitted to the fluorescence recovery of a photobleached vesicle by using

the relaxation time and plotting Equation 14 [74]:

__t 14
F(t) = Fmax 1—e Trelax
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with E, ., as the maximum fluorescence recovery. The relaxation time is the time it would take
for the system to reach equilibrium if the diffusion rate stayed the same as the initial diffusion rate,
i.e., if the diffusion rate is constant, and the recovery is linear. The relaxation time is a time constant

obtained from Eqg. 13, and should not be confused with the recovery time.

Theoretical curves were fitted to the recovery graphs with Eq. 14 and the relaxation time in
Eq. 13, by changing the variables in Eq. 13 [Section 4.2].

Figures, plots, and image editing

Most illustrations were made with Inkscape and PowerPoint, and chemical structures were created
with ChemDraw. Microscopy images were edited (cropping and false coloring of gray scale
images) in the Leica Application Suite X (LAS X) software or Nikon’s NIS-Elements AR
Analysis. The FRAP curves were plotted in MATLAB R2020b. Illustrations, plots and images

were combined to figures using PowerPoint.
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4 Result and discussion

In this project, the aim is to investigate if and how the material transport and communication
among the compartments in a lipid protocell-nanotube network, occurs. The idea is to encapsulate
fluorescently labeled molecules inside the compartments and visualize their behavior and possible
transport with fluorescence microscopy.

The first step of our experimental approach is to make the PNNs without fluorescent labels to
eliminate the risk of interference issues between membrane and cargo dyes. This ensures that the
encapsulated fluorophore-conjugated molecules would be the only dye in the system. Since the
previous work involved the fluorophore-conjugated lipids in order to visualize the PNNs with
fluorescence microscopy, it was not known whether the molecular structure and features of the
dyes played any role in the formation mechanism, and whether the PNNs would consistently form
from unlabeled lipids [37]. The first step, the results of which are presented in 2.1, therefore help
to affirm the formation of the network in the absence of fluorescently labeled lipids.

4.1 Formation of unlabeled protocell-nanotube
networks

Unlabeled lipids do not contain any fluorophores and can therefore not be detected with
fluorescence microscopy. For reference, a sample which contain a membrane label e.g., rhodamine
have been shown in Figure 23 after 48 hours of maturation. The membrane consists of soybean
and E. coli lipids (49:50 wt%).

With fluorescence microscopy, one can readily observe various membrane structures: The round,
very bright fluorescent regions represent the MLVs (big arrow in Fig. 23a), and the circles with a
distinct fluorescence rim are the unilamellar protocell compartments (small arrow in Fig. 23a).
The double bilayer membranes originating from different MLVs in the sample, cover the entire
solid substrate over time. The boundaries of double and single bilayer membranes are visible in
fluorescence microscopy in Fig. 23b (arrows). The fluorescently bright, thin, lengthy threads

appearing in single bilayer regions are the lipid nanotubes (arrows in Fig. 23c) In in Fig. 23a, the
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scanned section is further up from the surface than in the other two micrographs (Fig. 23b -23c),

therefore the nanotubes underneath the protocells appear blurry.

Figure 23: Confocal micrographs of a Rhod PE containing (1 wt%) protocell-nanotube networks, taken
with a 40x objective (NA=1.3). (a) Membrane rupture creates nanotubes and protocells following the
circular pattern of a lipid patch around an MLV (big arrow). The small arrow points at the largest protocell.
(b) The boundary between the double bilayer (bright red) and the single bilayer (dark red) regions. (¢c) Some
small patches of distal membrane (arrows) among the nanotubes on top of the proximal bilayer after
rupturing.

Until now, we have shown and discussed only the fluorescence micrographs of the PNNSs. In
Figure 24, the fluorescence images and their corresponding DIC images of the labeled samples of
nanotubes and PNNs, are shown. The membranes this time contain 99% soybean lipids and 1%
Rhodamine B-conjugated PE. Here, a side-by-side comparison of the fluorescence mode (Fig.
24a) and DIC mode (Fig. 24b) of a MLV (white arrows) demonstrates the unique characteristics
of the two techniques: The abundance of rhodamine-conjugated lipids in one location as opposed
to other regions in the sample, indicates high concentration of lipid material in those regions, i.e.
the MLV. The fluorescence intensity of the nanotubes and unilamellar compartments located on
the surface supported lipid bilayer (dark red color) provides high contrast and can be easily
visualized (Fig. 24a and 24c). On the other hand, in DIC mode the MLV, the nanotubes and the
model protocells appear as 3D objects (Fig. 24b and 24d).
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Figure 24: Fluorescence and DIC microscopy images of a labeled SPL (100 wt%) protocell-nanotube
networks. The white arrows in the fluorescence images (a, c) points to the identical structures in the DIC
images (b, d).

Figure 25 shows the DIC images of two unlabeled samples. The localization pattern of vesicles in
a lipid patch, originating from a MLV (big arrow in Fig. 23a), is a recognizable characteristic of
many PNNs. This pattern can be observed in Fig. 25a. The boundary of the circular lipid patch is
indicated with white dashed line. Nanotubes and the nucleating compartments from them can also

be visualized in unlabeled samples; an example is shown in Fig. 25b.

42



Figure 25: DIC images of protocell-nanotube network of unlabeled lipids. (a) Protocell compartments made
from SPL-EPL (50:50 wt%). White arrow shows the MLV, and white dashed line, the contour of the lipid
patch. The image was taken with a 40x objective (NA=0,95) with a Nikon Eclipse Ti2 microscope. (b)
Protocell compartments and nanotubes made from SPL (100 wt%). The image was taken with the 40x
objective (NA=1.3) Leica confocal microscope.

In conclusion, although the protocell-nanotube networks are significantly easier to locate in the
fluorescence mode, they can also be detected and visualized in the DIC mode without the
requirement of a membrane label. The results also confirm that the presence of the lipid-conjugated
fluorophores does not play a key role in the PNN formation. All experiments from this point
forward were executed solely on unlabeled PNNs with SPL-EPL (50:50 wt%) lipid composition.
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4.2 Encapsulation of fluorophores by the PNN

Following the formation of the PNNs from unlabeled lipids, next step was to encapsulate the
fluorescent components inside the networks. We used a microfluidic device [69, 70] to expose the
model protocells to the different compounds. Briefly, we focused on a surface region of interest
(ROI) containing multiple model protocells, and with the microfluidic pipette, exposed the
compounds to the protocells in the ROL. It was recently shown that the surface-adhered protocell
compartments were able to take up the molecules by means of molecular diffusion through nano-

sized transient pores in the membrane [75, 76].

4.2.1 Fluorophore size and encapsulation yield

The three fluorescently labeled cargo components were employed: water soluble ATTO-488 dye,
FITC-conjugated RNA and FAM-conjugated RNA. Fluorescein dye results in a high encapsulation
yield [37] i.e. gets encapsulated in relatively higher number of vesicles in the same amount of time,
but it instantly leaks from the compartments. The rapid leakage is a problem as the aim is to
monitor the transport of the molecule inside the network for a long time. The simple water-soluble
dye, ATTOA488-carboxy, maintains in the system for a longer duration than Fluorescein and was

therefore chosen for the experiment.

FITC and FAM are popular choices for fluorophore-conjugated oligonucleotides, and were used
as labels for RNA and DNA, respectively. These compounds were exposed to PNNs for 4-5
minutes and the encapsulation results are shown in Figure 26. During the superfusion (Fig. 26a,
c, e) the protocells appear as black circular regions inside the superfusion zone, because either
there is no uptake of the compounds from the surrounding medium, or the protocells have
encapsulated a relatively lower concentration of compounds than in the superfusion zone (green).
Upon termination of superfusion, the buffer from the microfluidic pipette containing the
fluorescently labeled molecules is replaced with the ambient buffer that is free of fluorophores.
The protocells containing the encapsulated fluorophores become visible (green signal) (Fig. 26b,
d, f).

44



atto488 FITC-RNA FAM-DNA
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Figure 26: Encapsulation of different labeled compounds. (a-b) ATTO, (c-d) FITC-RNA and (e-f) FAM-
DNA. (a, c, e) superfusion of protocells with labeled compounds. The time is the duration of the exposure.
(b, d, f) snapshots of the protocells, s after the superfusion is terminated.

In general, the ATTO488-exposed PNNSs appear to have a high fluorescence intensity, indicating
efficient encapsulation (Fig. 26b). FITC-RNA (Fig. 26d), and FAM-DNA (Fig. 26f) have been
also successfully encapsulated by the PNNs. The reason for the different fluorescence intensities
inside the vesicular compartments can be due to the size differences of the molecules. The total
molecular weight of ATTO-488 with a carboxy modification is 804 g/mol, which is small
compared to the dye-conjugated RNA (3767.5 g/mol) and dye-conjugated DNA (6519.4 g/mol),
respectively. Due to their relatively larger sizes, the diffusion through the nano-sized openings in
the membrane, appears to be more challenging for the genetic fragments (Fig. 26). The larger

molecules also leak slower through the pores than the simple ATTO488 dye.
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4.2.2 3D confocal images reveal the internal structure of the networks

3D images of the samples can be obtained if the individual confocal slices through the sample can
be reconstructed. This reconstruction takes several minutes, which is not suitable if dynamic
processes are observed, e.g. molecular diffusion of encapsulated compounds. 3D images reveal
multiple structural features of the PNNs compared to 2D scans, e.g. structures in x-z plane, height

of the model protocells, and the arrangement of nanotubes within the PNN.

We exposed the vesicles to 500 uM of ATTO488 for 4 min. After the encapsulation of the
ATTOA488, 3D images of the sample were obtained to visualize the content inside the unlabeled
network. Figure 27 shows a top-view of a 3D image. The green fluorescence shows the internal
space of the PNN, the encapsulated content of both protocells and nanotubes.

Our concern is not that the nanotubes are filled with a substance or adopt a membrane morphology
which is not hollow inside, but that the tubes are pinned at some locations blocking the transport
of material. The fact that there is fluorescence inside, does not necessarily verify that they are open
because it could be that the fluorescence is entrapped between two blocked points.
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Figure 27: 3D confocal image of ATTOA488 inside a protocell-nanotube network with an unlabeled
membrane.

The 3D scan gives valuable information about the entire internal morphology of the PNNs. The
compartments are slightly elongated, similar to a balloon with a flat bottom, or a dome (Figure
28). The nanotubes are aligned between the protocells and mostly not straight, indicating presence
of pinning points [59] between the nanotubes and the underlying bilayer. Overall, the 3D images

reveals the internal volume inside the membrane boundaries.
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Figure 28: Cross-section of the PNN along the white dashed line in x-z plane. The encapsulated fluorescent
content is clearly visible.

4.2.3 Rapid growth and fusion of vesicles

Protocell nucleation and growth occurs slowly. Normally, under room temperature, this process
takes many hours and sometimes days. However, the growth can be induced with temperature, and
the process can be sped up to minutes [62], as the rise in temperature increases the membrane
fluidity, which enhances the Marangoni flow. This is also the reason we waited 3-days after the

sample preparation or kept the sample in 35° to speed up the process.

An interesting observation during the encapsulation experiments was the rapid growth of vesicles
during the exposure of the protocell compartments to fluorescently labeled compounds. Figure 29
shows the time-lapse images of the budding and rapid growth of vesicles under FAM-DNA
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superfusion. While we were targeting the big vesicles (~10 um in diameter) in the recirculation
zone for possible encapsulation (Fig. 29a), many new vesicles started to appear. The contour of 3
such freshly grown vesicles are indicated with white dashed lines in Fig. 29b. In further time points
of the experiment, these 3 vesicles fused and merged into one large vesicle (Fig. 29c). The material
required for the growth was likely provided by the lipid reservoir in the center (arrow in Fig. 29a).
Fig. 29d shows internalized DNA in a vesicle after the termination of superfusion. However, the
fluorescence intensity inside the compartment (arrow in panel d) is low, indicating poor

encapsulation.

Similar observations of rapid protocell growth were made for ATTO488 and RNA (not shown),
especially when the protocellular compartments were located close to the MLV. Although the
investigations regarding the mechanisms underlying this phenomenon is not the scope of this
thesis, it is an interesting observation which can be studied as a follow up work in the future.
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Figure 29: Rapid growth of vesicles during a 3.5 min exposure to DNA encapsulation. (a) dashed line
represents the recirculation zone, and the white arrow points at the MLV in the center. (b) new vesicles
have emerged, three of the vesicles (in dashed lines) have fused together in (c) as they continue to grow.
(d) The arrow points to a vesicle with DNA within the recirculation zone.
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4.2.4 Consumption of lipid nanotubes during compartment growth

Lipid compartments stem from nanotubes and retrieve the membrane material required for the
growth through them. When the lipid reservoir is accessible, the excess lipid material is used for
this transformation, transferred through the tubes over time. In settings where lipid source is scarce,
such as when lipid reservoir is depleted or too far away, the nanotube itself is consumed and
transformed into a lipid compartment [37]. Under the special conditions mentioned in the previous
section, i.e., where the membrane is continuously perturbed due to superfusion, the growth of
compartments occurs rapidly. Figure 30 shows the consumption of nanotubes while compartments
rapidly grow during the encapsulation of ATTO488. The figure shows the same region in a PNN.
Some of the large vesicles (Fig. 30a) disappear while new vesicles emerge (Fig. 30b). One newly

developed vesicle is marked with a red dashed line.

Fig. 30b and 30d show the underlying nanotube network, before and after growth. It is clearly
visible that, while most of the pinned nanotubes maintain their positions, the nanotubes existing
initially underneath the encircled vesicle, have disappeared. This can be due to the fact that the
nanotube material is consumed [37], or that the nanotubes are rearranged after vesicle nucleation
in that tubular node [77].

Some of the more conspicuous-looking nanotubes in the upper and lower right corners of Fig. 30b
are recognizable after the growth (Fig. 30d), and their position remain same as before. This is
likely due to the strong, Ca?*-induced pinning of the tubes to the proximal membrane [37].
Otherwise, the nanotubes are semi or completely suspended and can rearrange in a fashion where

the membrane surface free energy is minimal [34, 78].
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Figure 30: DIC images of a PNN region showing the change of nanotubular network during rapid
compartment growth. (a-b) images of vesicles and nanotubes, respectively, before superfusion of
ATTOA488. (c-d) same area in (a-b) after superfusion. The red dashed circle indicates the position of the
emerging vesicle. The time between the before (a-b) and after images (c-d) is 2 hours.
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4.1 FRAP experiments and analysis

Following the successful encapsulation of various fluorophores into the vesicles, next step was to
investigate whether the nanotubes were continuously hollow, allowing the transport and chemical
communication between the vesicles. The trafficking of molecules could not be observed
effectively in real time inside the nanotubes with simple time-lapse confocal fluorescence
microscopy. Most importantly, monitoring the spreading of the fluorophores through a system
with nanotubes branching in all directions over distances of several tens of micrometers, is
challenging. Instead, we designed a FRAP experiment, in which a small region with compartments
containing fluorescent content is photobleached, and possible recovery is observed. With this

approach, the transport can be affirmed easily if there is fluorescence recovery.

4.1.1 Control experiment

A vesicle with no physical connection to other vesicles containing fluorophores should not show
recovery after photobleaching. Demonstration of such an isolated vesicle has been shown in
Figure 31. The vesicle is positioned on a simple glass cover slip. On glass, lipid reservoirs loosely
adhere to the surface without spreading [55]. Therefore, no rupturing and nanotube formation
follows the initial adhesion, and intact isolated GUVs can be found on the surface instead.
Fig. 3la-d show the photobleached GUV which initially contains fluorescent cargo, and as

expected, fluorescence content of the GUV show no recovery after photobleaching (Fig. 31e).
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Figure 31: FRAP on an isolated GUV. (a) fluorescence micrograph of a labeled GUV membrane. (b) The
ATTO488 encapsulated inside the GUV. (c-d) post-bleach images show no recovery. (e) Graphical
presentation of the recovery (nearly zero), normalized to initial fluorescence intensity.
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4.1.2 FRAP experiments on PNN vesicles containing ATTO488

This section deals with the FRAP experiments on ATTO488 encapsulating PNNSs. Initially, an
aqueous medium containing 500 uM of carboxy ATTO488, was exposed to a selected region of
PNNs and eventually the dye was encapsulated. Subsequently, one or few vesicles in that region
were photobleached. The results of several FRAPs on the networks containing ATTO488 are
shown in Figures 32-35. In all figures, the vesicle of interest is circled by a red line. FRAP graphs
are normalized so that the intensity prior to photobleaching is 100%, or 1, and the first data point
after the photobleaching is 0, so the recovery is given as a fraction of the original fluorescence
intensity. The number of nanotubes and their connections to the protocells are all unknown.
Correction for photobleaching in the FRAP curves was omitted, as there was no way to tell how
much fluorescence was due to the laser exposure, leaking of fluorophores through transient pores,

or, if the nanotubes are open: diffusion through the network.

The system in Figure 32 contains multiple vesicles in a PNN, all containing ATTO488. DIC
images of this network before encapsulation was previously shown in Fig. 30, and it was revealed
that the vesicles were growing during superfusion. Fig. 32a shows an epi-fluorescence micrograph
of the same region (top view) after superfusion, and the vesicle selected for photo-bleaching is
indicated with the white arrow. Except for a few, not many nanotubes connecting the vesicles are
visible. Fig. 32b shows a graph of the measured fluorescence intensity inside the vesicle after
photobleaching, and the increased intensity in the plot in the first 50 s. demonstrates that there is

recovery.

Recovery can also be observed in Fig. 32c-e which are snapshots taken at different time-points
during the FRAP experiment. Fig. 32c was taken during the pre-bleaching period and Fig. 32d
right after the photobleaching (t = 0). The vesicle (red circle) is not visible in Fig. 32d, because
the initially encapsulated fluorophores in it, are permanently shut down due to photobleaching.
The return of fluorescence can be observed in Fig. 32e, which reveals that the fluorophores fill the
vesicle over time. The functioning fluorophores must have come from adjacent vesicles through
interconnecting nanotubes that are not visible in fluorescence micrographs. The nanotubes in this

network are visible in DIC images, presented in Fig. 30b and Fig. 30d.
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Figure 32: ATTO488 FRAP on a vesicle surrounded by many others. (a) Epi-fluorescence micrograph of
a PNN. The white arrow points at the vesicle that is photobleached. (b) Fluorescence intensity (recovery)
after photobleaching, vs. time. (c-e) Snapshots of the vesicle of interest (red circle) at different times during
the FRAP experiment. (c) pre-bleach, (d) right after photobleaching and (e) during fluorescence recovery.

The photobleached vesicle recovers to 42% of the initial intensity before the photobleaching, in a
time span of 70s, before the fluorescence intensity starts decreasing (Fig. 32b). The decline can be
a result of photobleaching due to laser exposure during the recording, leakage of ATTO488 from
the PNNs through transient pores, or, as the FRAP result indicated: molecular diffusion towards

the remote parts of the network.

The vesicles in Fig. 32c-e that are adjacent to the photobleached one, do also show signs of
photobleaching and recovery. This indicates that the transport of fluorophores from the parts of
the PNN outside, to the vesicles in the region shown in Fig. 32c-e, is occurring. The fact that the
adjacent vesicles also lose fluorescence intensity during photobleaching, might explain why the

recovery is low (42%).
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The presence of many close-by (with a distance smaller than 5 um), connected compartments that
contain fluorescent cargo, such as the ones shown in Fig. 32, seems to be ideal for rapid recovery.
The next ATTO488 FRAP experiment was done on a vesicle with fewer neighbor vesicles as seen
in Figure 33. The targeted vesicle (red circle) has only two compartments within a 5 um radius,
and they appear to be fused (white arrow in Fig. 33a). The photobleached vesicle in Fig. 33b have
recovered some fluorescence in Fig. 33c, and the vesicle in recovery is plotted in Fig. 33d. The

recovery time starting from the end of the bleaching, until the recovery curve reaches a plateau, is

8 minutes (Fig. 33d) which is eight times longer than the time shown in Fig. 32b.
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Figure 33: ATTO488 FRAP on a vesicle with a greater distance to others show slower recovery. (a-c) The
vesicle (in red) is photobleached and eventually recovers. (d) FRAP graph of the recovery.

Results of a third ATTO488 FRAP experiment is shown in Figure 34, and is similar to the one in
Fig. 33, where the photobleached vesicle has one compartment within a distance of 5 um (arrow
in Fig. 34a), while the other vesicles are further away. Fig. 34b and Fig. 34c reveal the diffusion
of fluorophores to the photobleached vesicle. The plot in Fig. 34d displays a 25% recovery of the
initial fluorescence which took around 4 minutes. This recovery time is twice as fast as the 20%
recovery of the vesicle in the previous figure (Fig. 33d). The time disparity suggests that the
photobleached vesicle in Fig. 33a may not be connected to the nearest vesicles (white arrow), but

to a more distant compartment.
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Figure 34: FRAP of a vesicle containing ATTO488. (a-c) snapshots of the pre-bleached bleached and post-
bleached vesicle, respectively. (d) fluorescence recovery over time.

The fourth experiment is shown in Figure 35. The pre-bleach fluorescence image (Fig. 35a) shows
which vesicle had encapsulated the ATTO488. This time a DIC image was taken after the FRAP,

showing the silhouettes of nanotubes (white arrows in Fig. 35b).

From the DIC image it is unclear whether the vesicle encircled in a red dashed line is connected
to the nearby vesicles via nanotubular connections. A photobleach (t=0) and recovery image of the
vesicle encircled in red is shown in Fig. 35c-d. The fluorescence recovery is around 21% in 4 min
(Fig. 35b), which is comparable to the one in Fig. 34 (25% in 4 min).
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Figure 35: (a) Confocal micrograph and (b) DIC image, of a PNN region. The PNN contains ATTO488
dye. (a-d) shows the FRAP experiment: (a) pre-bleach, (c-d) post-bleach. (e) Graph showing the recovery
of fluorescence intensity in the vesicle inside the red circle, over time.
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4.1.3 Wave-like spreading of ATTO488 in a PNN

During one of the FRAP recordings a sudden burst of fluorescence from a nearby compartment
occurred. The direction of the spreading of the fluorescence material can be seen in Figure 36.
This is the same network shown in section 4.2.3 Rapid growth and fusion of vesicles (p.48). Due
the low uptake of FAM-DNA, this network was exposed to ATTO488 which resulted in successful
encapsulation (see Figure 50 in Appendix). In Fig. 36a-c, the loss and return of fluorescence in
the photobleached vesicle (red line) is clearly visible. The change in fluorescence intensities after
the sudden release of fluorophores from a nearby compartment (white arrow) can be observed in
the adjacent vesicles (black arrows and white dashed line) in Fig. 36d-f.

The photobleached vesicle (Fig. 36b) recovers to 55% in 70 s (Fig. 36¢ and 36g), before the sudden
transfer of fluorescence dye from the compartment shown with the white arrow. Diffusion is
observed as a rapid rise in fluorescence intensities in the adjacent vesicles in black arrows in Fig.
36¢-d, followed by the increased intensities in the vesicles encircled in white dashed line in Fig.
36d-e. A second recovery phase of the initially photobleached vesicle (Fig. 36e-f), due to the
sudden fluorescence burst and transfer, is reflected in the plot in Fig. 36g. According to image in
Fig. 36a, the vesicle encircled in red line, has no apparent physical connection to the vesicles
which suddenly fluoresce. It is plausible that the sudden fluorescence transfer is occurring via the
nanotubes between these compartments. As a result, the bleached vesicle recovers 80% of its

original intensity.
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Figure 36: FRAP of a PNN vesicle containing ATTO488 (a-c). (d-f) fluorophores from a very bright

compartment (white arrow) are released to the nearest vesicles (black arrows). (g) Internal fluorescence
intensity of the vesicle encircled in red dashed line during (b-f).
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Figure 37 shows fluorescence intensity plots of multiple vesicles in Fig. 36a-f. The time of the
sudden fluorescence increase inside the vesicles 1-5, coincides with the increase in vesicle 6. This
causes a further raise in fluorescence intensity inside this vesicle after it had recovered from the
photobleaching (after 100 s.), followed by second plateau (200 s).
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Figure 37: Fluorescence intensity of multiple vesicles (inset) during rapid fluorescence transfer. Similar to
the previous recovery curves, the intensity is normalized to the values observed for the photo-bleached
vesicle (6) where 1 is the average intensity before photobleaching and 0 is right after photobleaching.

There are three spreading trends based on the distance to the source compartment: Vesicle (1) and
(2) are closest, then comes (3, 4) and (5, 6), where (6) is the photo-bleached vesicle. The
fluorescence intensity of vesicles 1-4 decline after 170 s. This decline is delayed for vesicles 5 and
6, since they are still recovering, most likely by receiving fluorophores from vesicles 3 and 4. The

fluorescence in the vesicles 1-2 (arrows in Fig. 36f) has diminished as compared to Fig. 36e,
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indicating that the vesicles are no longer supplied with a high flux of fluorophores from the source
vesicle. The decline in the intensity can also be due to photo-bleaching resulting from continuous
imaging, or due to the distribution of the fluorescence to the compartments in the same network
which are out of the field of view, or a combination of both.

It is interesting that both vesicles 1 and 2 depict an abrupt fluorescence spike at 80 s and a sudden
intensity loss at 160 s. These two vesicles are positioned on opposite sides of the bright source
compartment. Their synchronized response implies that they share a connection to this source
compartment. It can be that the incidents are related to a sudden rupture or opening of membrane
pores in the source compartment which leads to rapid release of its contents to the nearby

compartments.

4.1.4 FRAP experiments on PNN vesicles containing RNA

A second set of FRAP experiments was performed on vesicles containing fluorescently labeled
RNA. The protocells were initially exposed to a concentration of 100 uM of FITC-RNA for about
4 minutes. Figures 38-41 show the results of various FITC-RNA FRAP experiments on the PNNS.

The result of the first experiment of FITC-RNA encapsulation is shown in Fig. 38. This is a region
populated with lipid compartments of a PNN encapsulating content with high fluorescence
intensity. An epi-fluorescence micrograph of the sample has been shown from top view in Fig.
38a, in which nanotubes are not visible. The photobleached vesicle (Fig. 38c) regains its
fluorescence (Fig. 38d) where it takes about 2 minutes to reach 16% of the initial intensity as seen
in the plot in Fig. 38e. The recovery rate is faster than for the ATTO488 FRAPs in Fig. 34 and
Fig. 35 (both 4 minutes). The reason could be that region in Fig. 38 is populated by more vesicles.
The DIC image in Fig. 38b corresponds to Fig. 38a and shows that they are unilamellar and that
there is no multilamellar vesicle in close proximity. The white arrow indicates the vesicles on
which FRAP is performed.
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Figure 38: The first FRAP of a PNN vesicle containing FITC-RNA. White arrows in (a-b) point to the
FRAP-targeted vesicle. (a) top-view fluorescence 3D micrograph, (b) DIC image of the sample region. (c-
d) The photobleached vesicle (red circle) recovers as shown in the graph (e).

In the second experiment, shown in Figure 39, two photobleaching experiments were performed
on two different vesicles within the same PNN, or in neighboring PNNs. One FRAP experiment
was performed on the vesicle in Fig. 39a, e, f (red circle), where its fluorescence intensity reached
16% of the initial value in 1 min. (Fig. 39h). The second FRAP was performed on another vesicle,
indicated with a red circle in Fig. 39b-d. The corresponding recovery plot in Fig. 39i shows a 23%
recovery of the initial value over 2 minutes. The regions indicated by the yellow dashed lines in
the DIC image (Fig. 399) display where the two photobleached vesicles (in Fig. 39a and 39b) are

located with respect to each other.
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Figure 39: FRAP experiments on PNN compartments containing FITC-RNA. (a, e, f, h) shows the FRAP
of one vesicle, and (b, c, d, i) shows the FRAP of a second vesicle. (g) The DIC image, which was captured
after the two FRAP experiments, shows both regions in (a) and (b).
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Figure 40 shows another example of FRAP on FITC-RNA containing PNN compartments. In Fig.
40a there are multiple fluorescent compartments, and the DIC image (Fig. 40b) confirms that all
of them are GUVs that have encapsulated various amounts of fluorophores. Fig. 40c and Fig. 40d
show the vesicle on which the FRAP was performed (red circle), at t = 0 s and t = 101 s,
respectively. The recovery can be best observed in Fig. 40e, which demonstrates a 20% recovery

of the initial fluorescence intensity in a period of 100 s.
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Figure 40: FRAP experiment on PNN compartments containing FITC-RNA. (a) confocal micrograph and
(b) DIC image of PNN compartments. Micrographs show pre-bleach (a), and post-bleach (c, d). (e)
Normalized intensity of the vesicle in red circle during recovery after photobleaching, vs. time.
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The results of another FRAP experiment performed on a PNN vesicle containing FITC-RNA has
been presented in Figure 41. A side-by-side comparison of the fluorescence image (Fig. 41a) and
the DIC image (Fig. 41b) reveals that all of the vesicles in the region are GUVs with successful
encapsulation. The photobleached vesicle (encircled) recovers its fluorescence (Fig. 41c-d)
according to the plot in Fig. 41e. It takes approximately 100 s for the vesicle to regain 12% of its
initial fluorescence intensity. In Fig. 40e, almost double that recovery was observed in 100 s. This
indicates that the rate of the diffusion for the PNN in Fig. 41 is somehow lower. The reason for
the lower recovery could be because the photobleached vesicle in Fig. 41 had a very high

fluorescence intensity prior to photobleaching.
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Figure 41: FRAP experiment on PNN compartments containing FITC-RNA. (a) confocal micrograph and
(b) DIC image of PNN compartments. Micrographs show pre-bleach (a), and post-bleach (c, d). (e)
Normalized intensity of the vesicle in red circle during recovery after photobleaching, vs. time.

In summary, the FRAP experiments with FITC-RNA in Fig. 38-41 had comparable recovery times
(around 2 min) except for the one in Fig. 39h which recovers relatively more rapidly (~70 s). This

is comparable to the recovery observed in vesicles containing ATTO488 FRAP (1 min, Fig. 32).

4.1.5 FRAP experiments on PNN vesicles containing DNA

In addition to RNA, which is a single-stranded helix, a longer, single-stranded DNA was used for
superfusion and studied in the context of transport within the PNNs, with FRAP. The DNA
contains 20 bases and was labeled with FAM. The selected regions in PNNs were superfused with
200 uM of FAM-DNA for 3-4 min. Figures 42-44 shows multiple FRAP experiments performed

on DNA-containing PNN vesicles.

Some compartments (white arrows) in Fig. 42a are no longer present in the DIC image taken after
the FRAP experiment (Fig. 42b). Their disappearance can be due to collapsing or can demonstrate
that the protocells can easily separate from the network. Similar to the results shown for the
networks containing ATTO488 and FITC-RNA, the fluorescence intensity of the photobleached
vesicle containing FAM-DNA also recovers (Fig. 42c-e). The vesicle (inside the red circle) reaches

a maximum recovery of 26% of the initial intensity in 4 min.
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Figure 42: FRAP experiment on PNN compartments containing FAM-DNA. (a) confocal micrograph and
(b) DIC image of PNN compartments. (a-d) Micrographs show pre-bleach (a), and post-bleach (c, d). (e)
Normalized intensity of the vesicle in red circle during recovery after photobleaching, vs. time.

FRAP results on a second vesicle containing FAM-DNA, is shown in Fig. 43a-c (red circle) and
its recovery curve, in Fig. 43d. The time for the intensity curve to reach to its plateau is
approximately 3 min, which is similar to the first DNA associated experiment shown in Fig. 42
but it only recovers to 16% of its initial pre-bleach fluorescence intensity (vs. 26% in the previous
example). The surrounding vesicles in Fig. 43d have a high intensity relative to the recovered
vesicle, suggesting that the initial transportation route (nanotube) that was responsible for the

recovery during the first 150 s. has been impaired.
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Figure 43: FRAP experiment on PNN compartments containing FAM-DNA. (a-c) confocal micrographs
show pre-bleach (a), and post-bleach (b, c). (d) Normalized intensity of the vesicle in red circle during
recovery after photobleaching, vs. time.

Before initializing a FRAP experiment, the recording times for pre-bleach, photobleaching, and
post-bleach must be chosen. The experiment in Figure 44 was a special case, where the FRAP
lasted longer than anticipated. After 300 s, the recovery was still ongoing, but the time set for the
post-bleaching time was over and the recording stopped. It took about 50 s to get the recording up
and running again. Thus, the data points during ~300-360 s, the data points are missing, and the
two recordings were connected with a straight line in one graph (Fig. 44e) By then, the
fluorescence intensity was still rising, but it never reached a flat plateau, which is typical of slow
and steady recovery. Instead, there was a gradual decrease in the intensity starting from 385 s and

forward. The most intense fluorescence compartment in Fig. 44c (white arrow) disappeared
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sometime between 350 s and 415 s (Fig. 44f). Thus, we suspect that this particular compartment
was the main fluorophore supplier to the bleached vesicle. Nanotubes can be vaguely recognized
in DIC mode in Fig. 44e between the photobleached vesicle (red dashed line) and the area where
the compartment providing the fluorophores was located (yellow dashed line).
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Figure 44: FRAP experiment on PNN compartments containing FAM-DNA (a-d) confocal micrographs
and (e) DIC image corresponding to (a-d), of PNN compartments. (a-d) Micrographs show pre-bleach (a),
and post-bleach (b-d). (f) Normalized intensity of the vesicle in red circle during recovery after
photobleaching, vs. time.

The photobleached vesicles in Fig. 42 and Fig. 43 are 2-3 um in diameter, and the shortest distance
from them to a neighboring fluorescent vesicle, is about 1 um. For both of these vesicles (Fig. 42
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and Fig. 43), it takes 3-4 min for their FAM-DNA fluorescence to recover, which is longer than

the recovery of any vesicle containing the FITC-RNA.

4.2 Determining network connections based on
recovery

In this section, using the results of two FRAP experiments and insights obtained from the previous
section, the simple arrangement of the nanotubes and the connection between protocells will be
determined. This will be done by taking the protocells’ size and distance to each other gained from
microscopy images to calculate the relaxation time with Eq. 13 and use it to fit a theoretical curve
to the FRAP graph with Eq. 14. Some variables are unknown but can be predicted from the fit.
The theoretical curve and the experimental values will then be compared to understand if the

assumed connections are realistic.

4.2.1 Transportin a 2-vesicle network

The most basic system to apply the method described above is a network with only two vesicles
connected with a single nanotube. Figure 45 shows three vesicles within a 30 um radius, all of
them containing ATTO488. Two of them almost establish physical contact with each other and a
slightly larger vesicle is located 10 um away from the pair (Fig. 45a). For simplicity, we consider
only the connection between the two vesicles in closest proximity. The two adjacent vesicles are
both 4.2 um in diameter, and after one of them is photobleached (Fig. 45b), it recovers its
fluorescence, until the two vesicles possess the same intensity (Fig. 45c). The fluorescence
intensities of the two vesicles over time, can be observed in Fig. 45d.

The relaxation time of the system was calculated with Eq. 13 and used in Eq. 14 to draw an
exponential curve that fits to the theoretically anticipated recovery of the fluorescence inside the
photobleached vesicle (Fig. 22e). In the calculations, it is assumed that the vesicles involved are
perfect spheres and that straight nanotubes connect the spheres at the bottom. Hence, the length [,
of the nanotube has been approximated to be the sum of the radii of the two vesicles, plus the
distance ', between them. The relaxation time was calculated with Eq. 13 using the following

values: d; = d, = 4.2um, I' = 0.1 um, r = 50 nm and D = 4 Ams~! where D corresponds to
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the diffusion coefficient of ATTO488 carboxy (1 angstrom, A = 10"° m). This results in a
relaxation time, t,.;4, = 26.5 s, which was plugged into Eq. 14 assuming 40% recovery (A=0.4),
and we see that the theoretical curve that was plotted in Fig. 45e fits to the experimental trend of
fluorescence recovery. As a result, instead of steady state intensity at 50%, the intensities gradually
decrease over time. This observation is comparable to the numerical solution for diffusion through

a two-node network proposed by Lizana and Konkoli [79, Fig. 6].
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Figure 45: Transport of ATTO488 in a 2-vesicle system. (a) micrograph of the region with two
compartments, one other compartment is 10 um away. (b) 2 adjacent vesicles (4.2 um in diameter) in (a),
right after photobleaching, and (c) when their intensities reach equilibrium. (d) plot showing the
fluorescence intensities in adjacent vesicles, during pre-bleach, photobleaching (gray zone) and post-
bleaching periods. The values are normalized to the highest intensity value during pre-bleach period. In (e),
the intensities in (d) are re-normalized to highest intensity value of the neighbor vesicle and lowest intensity
value of photo-bleached vesicle, and the time at the start of the post-bleach is set to zero. The dashed line
shows the theoretical fit.
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The time scale of the recovery in Fig. 45d-e, the time spent to reach steady state fluorescence
intensity, is comparable to that of the ATTO488 containing networks. The recovery time for the
ATTO488 containing compartments shown in Fig. 32 is 70 second. The photobleached
compartment in this experiment has approximately 5 pum distance to others and recovering due to
the presence of a nanotubular connection. In the experiment shown in Fig. 45, the fluorescence
recovery is occurring at the same time scale as a vesicle recovering by receiving new material from
another vesicle at 5 um distance. This implies that the transport of molecules in in the 2-vesicle
system in Fig. 45 is not direct, i.e., not occurring through a fusion pore. In that case the intensity

would be expected to recover in a much faster time scale.

4.2.2 Changing variables in a 4-vesicle system

The previous section demonstrated how to fit a theoretical curve to the fluorescence recovery in a
simple system containing two vesicles connected with a single nanotube. Although a lot of
approximations were made, the model was mostly in agreement with the experimental data. In
Figure 46 another simple PNN arrangement, this time with 4 vesicles has been investigated. In
this 4-vesicle system there are three compartments in a 5 um distance to the photobleached
protocell as shown in Fig. 46a. The PNN was exposed to FAM-DNA, and as the scalebar in the
fluorescence image indicates (Fig. 46a); the distances between the vesicles are about 1 pm.
Protocell diameters (4-5 nm) are shown in the DIC image (Fig. 46b) and the rim of a double lipid
bilayer patch can be observed at the lower right part of the image (white arrow). Hence, the focus
is on the surface, but the nanotubes are not visible. Once again, it is the FRAP experiment (Fig.
46a, c-d) that reveals the presence of the nanotubes, because they are the only explanation for the

recovery.

The recovery for this 4-vesicle system (Fig. 46e) reaches a steady state around 120 s. The time for
the ATTO dye to recover in the two-vesicle system (Fig. 45e) was also approximately 120s.
Despite that the vesicles have similar sizes in these two different systems, there are some
distinctions between the two experiments. The 4-vesicle system (Fig. 46) contains FAM-DNA and
the DNA which is single stranded and is 20-bases long has a diffusion coefficient of 1.52:107%°
m?s [80]. This is one third of the diffusion coefficient of ATTO488 (4-101° m?s?) [81]. Moreover,
the distance between the vesicles in the 4-vesicle system is higher in the 2-vesicle system.
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If only these two factors i.e., diffusion coefficient and inter-vesicle distance were considered, one
would expect the diffusion and hence the recovery within this current system to be slower.
However, the comparison between Fig. 45e and Fig. 46e reveals that this is not the case. Since we
assume that the sole reason for recovery is a nanotube connection, it possible that the bleached

vesicle is connected to more than one protocell.
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Figure 46: Transport of FAM-DNA in a 4-vesicle system. (a) Confocal micrographs and (b) DIC image of
the PNN. (c-d) Recovery after photobleaching (e) Plot showing the fluorescence intensity of the vesicle in
red circle, vs time.

Although the system in Fig. 46 looks simple with only four main vesicles, there are many probable
ways the vesicles could be connected. Since nanotubes are not always visible in DIC images and
their positions can rearrange over time, it had been challenging to determine the position of the
nanotubes underlying the vesicles by imaging. We instead, looked at the intensity drop of the
compartments surrounding the recovering vesicle in the same manner. Unfortunately, it becomes
more challenging to deduce the direct correlations if the recovering vesicle have several neighbors
(>1).

Figure 47 shows the intensity changes over time for the protocells shown in Fig. 46. None of them
exactly resembles the decaying trend of the supplying vesicle in the 2-vesicle system (Fig. 45e),
but it is clear that the fluorescence intensities of all surrounding vesicles are decreasing over time.

It could be that all 3 vesicles (#2-3-4) are connected to, and help recover, vesicle #1
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Figure 47: FAM-DNA fluorescence intensity in the adjacent protocells, over time. (a) The post-bleach
intensities of the photobleached protocell (1) and three adjacent compartments (2-4). (b) DIC Image
showing the numbers corresponding to each compartment in (a).
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Although Eq. 13 is suitable for a 2-vesicle system, it was still used to theoretically fit a curve to
the fluorescence recovery of the network shown in Fig. 46. Figure 48 shows the effect on the
theoretical curve when changing either r,d,, !’ or D of Eq. 13, while keeping the other variables
constant. The values of the constant variables are derived from the microscope images and are as
follows: d; = 4 um, d, = 5umand I' = 1 yum. Additionally, D = 1.5 Ams~" has been used as
for the diffusion coefficient, as it corresponds to the D of 20-base single-stranded DNA.
Meanwhile the recovery, A, used in Eq. 14 to plot the theoretical fit, was set to 37% since that is
how much the photo-bleached vesicle recovers in Fig. 46e. The theoretical fit based on all the
exact values above can be observed in Fig. 48a. The nanotube radius, r = 86 nm, can be predicted
from the fit, which corresponds to a relaxation time, t, ;. = 35 s. This radius was also used as a

constant while changing the other variables in Fig. 48b-e.

Remember that the defined length, [ = ' + % (dy + d5), assumes that the two vesicles are spheres

and that the nanotube connecting them at their base is straight. A greater value of [, signifies that
a longer nanotube, for instance, a nanotube that is not straight. Similarly, a smaller I means the
nanotube is shorter. This can be the case for example if the vesicles are not perfectly spherical but
have a flat base. The effect of varying the nanotube length by 2 um is calculated and plotted in
Fig. 48b. As expected, an increased nanotube length results in slower recovery due to the longer
relaxation time calculated with Eq. 13.

The next variable that was investigated was the vesicle size. The diameter of the photo-bleached
vesicle in Fig. 46b is 4 um. Both this vesicle and the surrounding ones can vary in size. For
simplicity, only one of the neighboring compartment’s diameter, d,, was adjusted by 1 um at a
time (Fig. 48c). From Eqg. 13 one would expect that the diameter (in form of d2) has a huge impact
on the relaxation time. However, the effect is similar to changing the nanotube length by 2 um
(EQ. 13), at least for vesicles with diameters (d,) ranging from 4 um to 6 um. The volume of the
vesicle that supplies the fluorophore to the photo-bleached vesicle for recovery, does not seem to
have a big influence. Although a larger volume means the vesicle contains more fluorescence its
impact is little if the concentration is the same of a smaller vesicle, since the diffusion is governed

by the concentration gradient.
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Figure 48: Theoretical curve fits to the recovery of the bleached vesicle (in green) and their change in
variables. (a) The final theoretical fit from using all the constants. Other curves are obtained when changing
only the (b) radius of nanotubes, (c) length of nanotubes, (d) diameter of the neighboring vesicle, or (€)
diffusion coefficients.

The FRAP experiment in this section was performed on a network that had encapsulated FAM-
DNA. The diffusion coefficient of a single-stranded DNA with 20 bases is around 1.52 Am/s [80].
The diffusion coefficient for ATTO488 and single stranded RNA with ten bases is 4.0 Am/s [81]

and 2.0 Am/s [82], respectively. The theoretical fluorescence recovery curves of molecules with
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varying diffusion coefficients, including the ATTO488 and ten base RNA, can be observed in Fig.
48d. As expected, a vesicle containing a compound with lower diffusion coefficient takes longer

to recover.

Bending energy of a nanotube is K”Tm (Eq. 8, section 2.2,); it is inversely proportional to the radius.

In other words, the energy of a nanotube increases with high curvature (1/r). The radius of a
biological tunneling nanotube typically ranges between 25-100 nm [28, 73]. The radii of ER
nanotubes are around 30 nm, and in some species, they can be as small as 15 nm [83]. Upholding
these curvatures require energy which is provided by the stabilizing proteins. Examples of
membrane deforming and remodeling proteins are clathrin and dynamin, which are responsible for
the budding of vesicles and fission of nanotubes. [84] Fig. 48e shows the curve fitting according
to nanotube radius. Among all the variables, it has the biggest impact in diffusion-based transport
rate, especially at lower radii. Since the radii of biological tubular structures can be lower than
model systems, this could also mean that in modern biological systems the diffusion rates are
expected to be lower.

Fig. 48a shows that in this network, the flow of FAM-DNA in a vesicle with a diameter of 4 is
comparable to that of 2-vesicle system with nanotube radius of 86 nm. This was just one of the
many possible approximations, as similar fits can be achieved by changing two or more variables
at once. As long as the values are reasonable, especially with respect to nanotube radius, any
combination which gives a relaxation time of 35 s when plugged into Eq. 13 will also fit the
recovery curve. However, none of these fits can accurately represent the 4-vesicle-network,

because they are calculated with an equation meant for a 2-vesicle system.
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5 Conclusion

The first aim of this thesis was to grow protocell-nanotube networks with label-free lipids to
eliminate the possible impact of fluorescence dyes in formation and development of PNNs. DIC
microscopy was used to image the transparent network structures. The formation of PNNs made

both from bacteria- and plant-derived lipids, was observed.

The second and main purpose of the work in this thesis was to investigate whether the nanotubes
in the PNNs were open and could facilitate the transport of compounds between distant vesicular
compartments. Since the first goal was successfully achieved, next, the transport capabilities of
the unlabeled PNNs were studied, with fluorescently labeled cargo locally delivered to the

networks.

Superfusion of the PNNs with the above-mentioned constituents delivered by a microfluidic
pipette, induced protocell growth while simultaneously enabling the uptake. The ATTO488-dye,
FITC-RNA (10-bases) and single-stranded FAM-DNA (20-bases) were encapsulated in selected
compartments inside the PNNs. A 3D confocal micrograph captured the ATTO488 internalized in
both the protocells and nanotubes. The transport of fluorophores was confirmed via fluorescence
recovery after photobleaching. Briefly, selected compartments in a PNN encapsulating
fluorescently labeled cargo, were photo-bleached using high power laser and the recovery was
monitored. The recovery time, the time which took the internal fluorescence intensity of a
compartment to reach steady state, was generally 1-3 minutes for protocells with connected
compartments that were maximum 5 pum apart. Recovery times were mostly in agreement with the

diffusion coefficients of cargo molecules.

We demonstrated through FRAP experiments that the compartments in protocell-nanotube
networks, can redistribute compounds via nanotubes acting as highways for transportation. The
results, which are summarized in Figure 49 support the hypothesis about communication and

division of primitive cells that are interconnected with nanotubes.
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Figure 49: PNN formation with unlabeled lipids, and transport of molecules between protocells via the
nanotubular connections. The observations suggest a possible mechanism for communication between
primitive cells.

The results are in some simple ways similar to cell-to-cell communication in modern cells. Cellular
communication occurs when a signaling molecule secreted from one cell, reaches to another cell
at a distance, by which it is recognized and taken up. One of the ways that the signaling compounds
are released from one cell is, passive diffusion. This is similar to what the model protocells in
PNNs perform. [3]. A direct means of communication between cells occurs through tunneling
nanotubes [28] which in the PNN model studied in this thesis, are directly represented. It is
plausible that the primitive cell networks have communicated, i.e., exchanged information, via

tunneling lipid nanotubes and shared contents by transport via molecular diffusion.

As a next step, larger compounds such as nanoparticles, delivered via liposomal fusion, can be
introduced to PNNs to find the size limit of effective transportation. Finally, prebiotic reaction
networks [85] can be encapsulated and run in the PNNs, which would bring this model system a

step closer towards abiogenesis.
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Appendix

The phospholipids from the lipid extracts used in this thesis are listed in Table 7 and Table 8.
These are all phosphopglycerides that were mentioned to be the most abundant membrane lipids
in section 2.1.1.

Table 7: SPL lipid content

Lipids wt%

PC 45.7
PE 22.1
Pl 18.4
PA 6.9
Unknown 6.9
Total 100.0

Table 8: EPL lipid content

Lipids wt%

PC 67.0
PG 23.2
DPG 9.8
Unknown 0.0
Total 100.0

After the FAM-DNA exposure in Fig. 29, the PNN was exposed to ATTO488 as shown in Figure
50. The fluorescence intensity from the ATTO488 fluorophores inside the protocells in Fig. 50 is
higher compared to the fluorescence from FAM-DNA (Fig. 29d). The FRAP experiment following

this encapsulation, resulted in the spreading in Fig. 36.
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Figure 50: ATTO488 exposure to a PNN for 3 min and 30 s.
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