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Abstract

Biologically produced nanoparticles have attracted considerable attention for their significant

potential application in biomedicine and industrial processes. In this thesis, atomic and magnetic

force microscopy is used to characterise the size, location, and magnetic properties of palladium

and palladium iron nanoparticles. Imaging shows that these nanoparticles are localised extra-

cellularly and possibly in the periplasmic space. The signal above palladium-iron nanoparticles,

of size 50 ± 10 nm, suggests significant magnetic behaviour, and palladium nanoparticles show

possible magnetic activity. The magnetic signals also suggest that the nanoparticles behave as

superparamagnetic or ferromagnetic nanoparticles.
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List of abbreviations

MFM Magnetic force microscopy

AFM Atomic force microscopy

Pd Palladium

Pd-Fe Palladium-iron
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1 Introduction

Palladium (Pd) nanoparticles have excellent catalytic, physical, chemical and optical properties [1].

This has led to novel experiments that show the use of palladium nanoparticles for antimicrobial

applications [2], as catalysts [3,4], and in anti-cancer treatment [5]. Pd, though often non-magnetic,

is known to be near a magnetic instability, and in size range, 2 - 16 nm, shows ferromagnetic

behaviour [6, 7]. In addition, small amounts of nickel added to Pd can stabilise ferromagnetic

behaviour even in bulk [6, 8]. The addition of iron could also have the same effect. If magnetism

can be stabilised in Pd and Pd-Fe nanoparticles, this would be very beneficial since magnetic

nanoparticles are an avenue of growing interest for applications in biomedical nanotechnology [9–12].

However, physicochemical methods for producing nanoparticles are damaging to the environ-

ment [13,14]. Therefore, a biological route has gained interest [15,16], but we do not know enough

about the properties of biologically synthesised Pd nanoparticles. Magnetic force microscopy

(MFM) could be a valuable tool for their characterisation. MFM allows the measurement of the

ultra-low magnetic field with nanoscale spatial resolution and the simultaneous measurement of the

topography. MFM is a scanning probe technique operating as a mode of atomic force microscopy

(AFM) using a tip with a magnetic coating. MFM and AFM will be explained later in more

detail. Despite the research of characterising nanoparticles using MFM [17–22], there is little to

no research done on Pd or Pd-Fe nanoparticles using MFM. For this reason, research is necessary

to characterise these biologically synthesised nanoparticles and to study how the MFM tool can

characterise them.

The main goal of this thesis is to explore how MFM can be used as a tool for characterising

the location, size, and magnetic properties of bacterially produced palladium and palladium-iron

nanoparticles.

The sub-goals of this thesis are the following:

1. To investigate where the nanoparticles produced by bacteria are located and their size. More

specifically, investigating whether they are outside or inside the bacteria or inside the bacterial

membrane. In addition, to find out if measurements of the same bacteria across several cross-

sections can provide more information of where the nanoparticles are localised and their

quantity.

2. Use the MFM method to investigate the samples’ material differences and how the measure-
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ments change with MFM parameters.

3. To investigate if AFM and MFM can be used to isolate the magnetic interaction from the

short-range surface interaction and possible electrostatic/background interaction.

4. To investigate sources of artefacts and to study how to interpret the signals.

The outline of this thesis is as follows. Chapter 1 is this introduction. Chapter 2 covers

background and theory. First presented is an overview of magnetic materials in nanoparticle form,

how they differ from the material in bulk, and a brief discussion on the biological synthesis of Pd

nanoparticles. Following this, the method of AFM is introduced, covering the basic principles,

modes, and signals measured. Then, the MFM method is introduced, explaining possible ways to

isolate magnetic interaction from other interaction. Following this, possible artefacts in AFM and

MFM are discussed, and the work done by others to interpret signals.

Chapter 3 introduces the samples, the nanoparticle production process, and the data analysis

methods. In addition, the method for using the AFM is explained, and how to mount the samples.

Chapter 4 shows the results of the experiments, which is discussed in Chapter 5. Finally, in Chapter

6, conclusions are written, and avenues of possible future work are outlined.

2 Theory and background

2.1 Magnetic nanoparticles

2.1.1 Magnetic materials

We can classify materials by their magnetic properties based upon how they behave in a magnetic

field. A paramagnetic or diamagnetic response manifests itself if an applied field induces a weak

positive or negative magnetisation, respectively. This magnetisation disappears when the field is

turned off—ferromagnetic materials, on the other hand, exhibit remnant magnetisation (Fig. 2.1).

After a magnetic field is applied to the material and subsequently removed, the material remains

magnetised. They, therefore, also show features of hysteresis (Fig. 2.1). Hysteresis is a phenomenon

in which the magnetic history of the material affects its current magnetic state. It originates in the

fact that energy is required to rotate domains in a magnetic material.

Magnetic domains are the smallest unit of magnetic order in a magnetic material. Magnetic
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order is determined not just by a single atom but is a collective phenomenon originating in the

inter-atomic exchange interaction between atomic moments. Anisotropy in crystals causes the spins

to couple with the preferential anisotropy direction. The distance with which electron spins remain

in the same direction in ferromagnets defines the size of a magnetic domain [23,24]. In bulk, there

is competition between this short-range exchange interaction and the long-range magnetostatic

interaction to reduce the magnetic energy of the system. This competition results in the re-

orientation of the domains.

Figure 2.1: Schematic of a hysteresis loop, characterising different magnetic behaviour. On the

x-axis is applied magnetic field H, and on the y-axis is magnetisation M . As indicated, Ms is

saturation magnetisation, Mr is remanence magnetisation, and Hc is the coercive field.

2.1.2 Magnetic nanoparticles and superparamagnetism

Nanoparticles differ from their bulk counterpart due to surface and quantum effects [7,25,26]. As the

surface-to-volume ratio increases, several property changes occur: hysteresis is no longer evident in

magnetisation curves [27], ferromagnetic behaviour is replaced by superparamagnetic behaviour [6]

(Fig. 2.1), and magnetic order appears in previously considered non-magnetic materials [7].

Applying a magnetic field to bulk magnetic material will begin to align the domains in the

direction of the applied field until it is saturated. Magnetic saturation is when all the domains

are aligned, and hence, the magnetisation will increase no further even if a larger magnetic field is

applied. If one could isolate a magnetic domain by removing its neighbouring domains, it would still

have a strong internal magnetic field. By definition, single domains have saturated magnetisation

since they have no other neighbouring domains to align with. Typically, a single-domain particle

has a diameter of less than 100 nm [25].
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The difference in properties between materials in bulk and single-domain is due to the differences

between domain wall movement and spin reversal, respectively. Since a single domain has no domain

walls, the magnetisation vector can be rotated only via spin reversals [28]. By applying a magnetic

field, the magnetic domain wall movement in bulk requires much less energy than the reversal of

a single magnetic domain. For this reason, moving from multi-domain to single-domain structures

leads to an increase in coercivity. Coercivity is the resistance to change in magnetisation. The size

at which magnetic particles have the highest coercivity is in the region between 10 and 100 nm in

diameter, although this is material dependant [25]. Reducing the diameter below this size causes

the coercivity to drop to zero, entering the so-called superparamagnetic regime [25].

The coercivity of tiny single-domains rapidly drops to zero because thermal effects begin to cause

rapid spin reversals. The magnetic behaviour of single domains is dependent on their temperature,

as well as size. In uniaxial symmetry, the direction of magnetisation of single magnetic domains

rotates parallel to some easy axis (Fig. 2.2a). Without any applied magnetic field, the magnetic

moment of the domain has the same probability of being in either direction along the easy axis.

This is illustrated by the well (solid line) in Fig. 2.2b. The magnetic moment is reversed between

the two directions by thermal excitation over the energy barrier, i.e. when kT > KV , where k is

Boltzmann’s constant, T is the temperature of the particle, K is the magnetic anisotropy energy, and

V is the volume of the particle. This energy barrier leads to a temperature known as the blocking

temperature since it freezes or blocks spin reversals in the domain. The blocking temperature

defines a value above which spins have enough thermal energy to overcome the anisotropy barrier

KV . However, this blocking temperature is not an intrinsic property of the material or nanoparticle.

It changes depending on the experiment [25].

By applying a magnetic field H, the direction of the magnetic moment is perturbed, causing a

greater probability of the magnetic moment being in one direction than the other, as shown by the

dotted line in Fig. 2.2b.
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Figure 2.2: (a) Schematic of a prolate spheroid showing the direction of magnetisation M of a

superparamagnetic nanoparticle at an angle φ to an applied magnetic field H. θ gives the angle

between the applied field and the anisotropy axis. (b) The magnetic potential energy as a function

of the angle α. The minima occur at α = 0 and π. The solid line indicates the potential without

any applied field, and the dashed line indicates the potential in a field applied along the anisotropy

axis.

The reason that magnetic order appears in non-magnetic material when in nanoparticle form

is due to surface atoms [6]. In nanoparticles, the surface-to-volume ratio is much greater than in

bulk. For this reason, there are more surface atoms. Surface changes such as vacancies, broken

bonds, and lattice strain cause a disordered region of spins at the surface. The magnetic anisotropy

in nanoparticles can increase by up to two orders of magnitude due to these surface atoms [29,30].

Pd, specifically, is known to be near a magnetic instability in bulk, having a high density of

states close to the Fermi energy. The addition of 2.3% Ni is enough to stabilise ferromagnetism

in bulk Pd [6, 8]. The addition of iron could also give similar results since iron, like nickel, is

ferromagnetic. In [6], Pd nanoparticles of various sizes (2, 3, 5 and 10 nm) were studied. The

authors found that the magnetisation was approximately inversely proportional to particle size.

This proportionality suggests a core/shell structure in Pd. More specifically, a structure with a

magnetic surface and a non-magnetic core.

2.1.3 Palladium nanoparticles produced by bacteria

Despite Pd nanoparticles’ volume of applications [3–5], the current processes of producing Pd

nanoparticles can be energy-intensive [14]. For this reason, new methods of creating these nanopar-

ticles more efficiently are very desirable [31], and a biological solution has gained much inter-
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est [15,16].

The biosynthesis of nanoparticles, in general, is of interest since the process is less costly, can

be done at lower temperatures and pressures, and with non-toxic chemicals [32] in comparison to

physicochemical treatments [13]. Also, it is possible to scale up the biosynthesis for industrial pro-

duction [33]. Biosynthesis of nanoparticles has been done with plants [34, 35], but microorganisms

are found to perform better due to their larger surface-to-volume ratio. The process by which bac-

teria produce nanoparticles begins with an uptake phase in which the bacteria take metal ions from

the solution outside the bacteria. Next, in the reduction phase, the bacteria reduce the metal ions

to form nanoparticles. Metal ions can be reduced in several locations: inside the cell (intracellular),

outside or on the cell’s surface (extracellular), or in the periplasmic space. For Pd nanoparticles,

biosynthesis was first done by Lloyd et al. in 1998 [36] using Desulfovibrio desulfuricans. The pal-

ladium nanoparticles were localised on the surface of the cell (extracellular) and in the periplasmic

space.

Next, we will introduce the AFM and MFM methods and examine how they can be applied to

the study of nanoparticles.

2.2 Scanning probe microscopy measurements of magnetic nanoparticles

2.2.1 Comparison of AFM & MFM to other methods

MFM, which is within the class of scanning probe techniques, is highly useful for measuring mag-

netism on the nanoscale [17, 37]. MFM is an operational mode of AFM, both of which were

developed in 1986-1987 [38, 39]. The difference being, MFM operates with a magnetic probe and

AFM with a non-magnetic probe. The MFM probes are often manufactured by coating an AFM

probe with magnetic material. Compared to other methods, the advantage of MFM is in the spatial

resolution, which can be down to 10 nm [37]. This resolution is possible due to advanced low noise

electronics [22] and the development of sharp tips. Sharp tips with a small radius of curvature at

the tip apex allow only a small volume to interact with the sample as it scans. For this reason,

both AFM and MFM are very successful instruments for characterising nanoparticles and surfaces

on the nanoscale [40].

The advantages of MFM over other techniques, such as superconducting quantum interference

devices (SQUIDs), magnetic resonance force microscopy (MRFM) and Hall probes, is that MFM
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can be used in various environments [41], which can be specific to the application. MFM can be

used in ambient conditions, ultra-high vacuum, and at low temperatures. Usually, some conditions

in the environment need to be maintained through the experiment, which is possible with MFM.

Specific to measuring magnetism, MFM is beneficial, compared to the alternative methods above,

when resolution is necessary below 1 µm [41]. In addition, in contrast to more traditionally used

transmission or scanning electron microscopy, MFM allows the simultaneous measurement of the

topography and the magnetic signal [17].

2.2.2 AFM basic principles

The basic principle of AFM is that a cantilever with a tip at the end is moved in the z direction

above a surface (Fig. 2.3). Attractive and repulsive forces acting between the tip and the sample

causes the cantilever to deflect. A laser, reflected at the top of the cantilever, hits a photodetector,

and the signal is measured.

Figure 2.3: Schematic showing the laser reflected at the top of the cantilever. The laser is sent

through a prism, reflected at the cantilever, reflected again at a mirror before finally arriving at

the detector.

2.2.3 Modes of AFM

Here is an outline of some of the AFM modes which this thesis uses. First, we will cover AC mode,

contact mode, and force spectroscopy before going onto lift mode/two-pass technique, common in

MFM.

7



AC/tapping mode: AC mode involves oscillating a cantilever with a tip at the end and scanning

above a surface. As the tip scans, it interacts with the surface, which in turn causes the cantilever

to deflect, and the laser and detector measures the cantilever deflection. Typically, the cantilever

is driven near to its resonance frequency. If the cantilever and tip are far away from any surface

or force potential, the cantilever will oscillate with some ”free” amplitude, A0. Extending the

oscillating cantilever towards the surface causes the amplitude to change. By interacting with the

surface causes A0 to reduce to an amplitude A. Via the feedback loop in the AFM, the amplitude

A remains at a constant value. The AFM-user controls this value of A (so-called the ”setpoint”).

In AC mode, the setpoint is in Volts. The z-piezo is responsible for adjusting the height of the

cantilever above a surface to fulfil this damping requirement on the amplitude – i.e. making sure

the actual amplitude of the cantilever is as close as possible to the setpoint throughout the scan.

Hence, by enforcing the setpoint, the force with which the tip taps the sample’s surface is also

controlled. For this reason, rather than directly measuring the height surface features, the AFM is

probing the height by applying a constant force. Another effect of enforcing a setpoint is a shift in

the effective resonance frequency and effective spring constant, possibly resulting in instabilities.

These instabilities are further mentioned in section 2.2.5.

Using AC mode, J. Legleiter [42], demonstrated through simulation and experiment that in-

creasing the setpoint led to a decrease in the tapping force of the probe for all drive frequencies.

Applying a greater tapping force, in turn, leads to significantly more compression of the surface

during scanning. Also presented in [42], is that the maximum tapping force during one oscillation of

the cantilever was greater for harder surfaces. The total tapping force over one complete oscillation

was the same for hard and soft surfaces – since this is kept constant by the setpoint. However,

tapping the softer material, the peak force was less than the peak force measured while tapping

the harder material. Whilst, the duration of contact with the softer material was longer than the

harder material.

The Lennard-Jones potential can describe the interaction between atoms at short distances.

The potential is a sum contribution from van der Waals interaction, an attractive potential and

the repulsive Pauli interaction, which sets in at close distances. In AC mode, the tip intermittently

makes contact with the surface in the attractive part of the potential (Fig. 2.4).
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Figure 2.4: Schematic of the Lennard-Jones potential.

Contract mode The tip is in constant contact with the surface in contact mode, operating in

the repulsive region (Fig. 2.4). Contact mode is not appropriate, however, for soft samples, which

this strong interaction could damage.

Force spectroscopy: In force spectroscopy, the cantilever is displaced only vertically by the

z-piezo. It does not do line scans. At a chosen point on the sample, the microscope takes mea-

surements while changing the tip-sample distance. Force spectroscopy is advantageous since it is

of interest to find how the tip-sample interaction changes with the vertical distance.

Lift mode/two-pass technique: The lift mode/two-pass technique is an extension of AC mode.

After the first scan (normal AC mode), the z-piezo raises the probe upwards, away from the surface

(Fig. 2.5). The AFM performs the second pass by oscillating the probe at the resonance frequency,

while the piezoelectrics move the probe to follow the topography measured during the first pass.

The result is that in the second pass, the tip-sample distance is constant throughout the scan. This

tip-sample distance is called the lift height. The AFM repeats the two passes for each line, which

builds an image. In both the first and second pass, all six information channels are recorded, which

are explained in the next section.
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Figure 2.5: Lift mode/two-pass technique schematic. The first pass measures the topography close

to the surface, as indicated in the lower left, showing z against x. Next, in the second pass, the

piezoelectrics move the tip to follow the topography to achieve a constant lift height. A constant

lift height means that the tip is approximately always the same distance from the surface. In the

second pass, the phase shift, compared to the drive frequency f , is recorded. The phase shift ∆φ

as a function of lateral displacement x is shown in the lower right. The dark red indicates regions

containing magnetic material.

2.2.4 AFM channels

As the cantilever and tip scan a surface, in total, there are six channels of information recorded

by the AFM. These are the height, the amplitude of oscillations, the phase shift of the oscillations

from the drive frequency, the error signal, the vertical deflection, and the height (measured) –

which is an alternative to the first height channel. The AFM measures both the height and height

(measured) channel via the feedback loop. The height (measured) channel is similar to the regular

height channel; however, it accounts for the error in the piezoelectrics. The z-piezo, used to move

the cantilever, can suffer from non-linearity due to hysteresis when a voltage is applied. For this

reason, the AFM is fitted with a capacitive sensor to account for the non-linearity of the z-piezo.

This capacitive sensor measures the length of the z-piezo and makes corrections, recorded in the

height (measured) channel. The height (measured) channel is recommended instead of the regular

height channel for scanning rough surfaces with height features over 100 nm. The JPK Nanowizard

(which is the model of AFM used in this thesis) manual recommends calibrating the height channel

every six months due to the hysteresis of the z-piezo.
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As the oscillating cantilever scans a surface, there is a change in phase, amplitude, and oscillation

frequency due to the surface force gradient. It is not proportional to force itself, as is presented

by the following equations. Due to the sample force gradient, the shift in the cantilever oscillation

amplitude A, phase φ and resonance frequency f0 are:

∆A =
A0Qc

2k2c

(
dFz

dz

)2

(1)

∆φ = −Qc

kc

dFz

dz
(2)

∆f0 = − f0
2kc

dFz

dz
, (3)

where Qc is the quality factor of the first resonance in air, kc is the spring constant of the cantilever

in air, A0 is the amplitude at the resonance frequency f0 in air - without external forces, Fz is the

force in the z-direction, and z is the distance along the z-direction [43]. At edges or rapid changes in

height over small lateral distances, transients appear. These transients occur because the feedback

loop is trying to return the probe amplitude to the setpoint value. The error signal and deflection

channels can be used as an indication of these transients.

2.2.5 Spring systems

The main things which characterise the behaviour of the scanning tip at close distances to a surface

are the tip geometry, the force function, and the compliance or stiffness of the tip. We first take

a look at the geometry of the tip. The radius of the tip apex influences the interaction between

it and the surface. The proportionality between the tip radius and adhesion (attractive) forces

is linear [44, 45]. Hence, the larger the tip radius, the greater the adhesion forces between the

tip and surface. A tip with a sizeable interacting volume and surface could lead to undesirable

artefacts. Artefacts will be discussed in later sections. A tip with a small radius has the advantage

that forces can be measured more quickly. This results in negligible viscous forces and less tip

contamination [44]. Tip contamination is when the tip picks up a piece of the sample and scans

with the piece attached.

Second, we look at the force function. Because AFM is probing the height by applying a

constant force, AFM cannot easily distinguish a smooth surface with heterogeneous forces from

a rough surface with homogeneous forces. The additional heterogeneity could be electrostatic
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forces, capillary forces, viscous forces, adhesion forces, and more [44]. Hence, AFM results can

be ambiguous since the tip is influenced by different forces and at different degrees as it scans.

This interaction makes recording the topography of a surface a challenge. In addition, it is also

important to note that van der Waals forces are not the same between materials [46]; the interaction

between the tip and a heterogeneous surface (in terms of surface material) can lead to different

interaction.

Thirdly we look at compliance or stiffness. The location at which the stress or strain on the

cantilever is measured is not the same as where the force is acting. In AFM, the location where the

force is measured is effectively at the top side of the cantilever. The forces acting on the tip cause

the cantilever to deflect, and the deflection is measured. However, the forces are only acting on the

end of the tip. What mediates the force measurement between these two locations is the compliance

of the tip material and the cantilever’s spring constant. When the tip interacts with the surface, it

is extended and compressed. This behaviour is not taken into account in the measurements.

There can be jumps in the measurements in a general system with spring due to the effective

spring constant. Fig. 2.6a shows a general spring system where plate A moves in and out, while

plate B is fixed. A distance D separates the two smaller plates. The top smaller plate is attached

to A by a spring. As plate A is moved inwards, there is a jump from D1 to D2. The cause of

this jump is that the effective spring constant is lower than the maximum slope of the force curve.

Similar jumps going outward are seen from D3 to D4. These jumps will occur as long as K is finite.

These instabilities can be further shown using amplitude-distance curves. In Fig. 2.6b, the curve

shows a jump where it moves from a region that is attractive to a region that is both repulsive

and attractive. There are three regions: the attractive, repulsive, and switching region [47]. In

the attractive region, the peak amplitude is shifted slightly to a lower frequency (see Fig. 2.6b

inset). For this reason, it is common practice to select a drive frequency that is a little to the left

of the resonance peak in AC mode. In the repulsive region, at close distances, the opposite slope is

measured. The peak amplitude is shifted a little to a higher frequency. At intermediate distances,

there is the switching region. This region is the most unstable region to perform measurements.

The oscillation frequency makes jumps stochastically, causing instabilities and artefacts, which

distort results.
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Figure 2.6: (a) Force distance curve of two objects, with one attached by a spring, as shown in

the inset. In force measuring techniques with springs, instabilities occur when the effective spring

constant is lower than the maximum slope of the force curve. (b) Schematic of the switching point

which can occur due to changes between attraction and repulsion.

2.2.6 Laser detection in AFM

Essentially, what is being detected in AFM is the deflection of the cantilever. The cantilever is

deflected when the tip interacts with the sample. This deflection causes the laser beam to be

displaced at the photodiode detector. In this section, the minimum detectable deflection of the

cantilever ∆zmin will be analysed. This value is essential since its significance determines how

effective AFM is at detecting nanoparticles. The signal from the photodiode is further transformed

using a lock-in amplifier to extract a meaningful signal from the noise. Noise can be a result of air

pressure and vibrations, which affect the cantilever.

Firstly, we will look at the sensitivity of the signal at the photodiode to the deflection of the

cantilever. The size of the laser spot D at the photodiode from the ray optics is given by the

equation,

D = D0
L

Lfoc
, (4)

where D0 is the size of the lens aperture (see Fig. 2.7), L is the cantilever-photodiode distance, and

Lfoc is the lens-cantilever distance [48]. The size of the laser spot at the photodiode D can be made

arbitrarily small by changing the aperture and distances, as shown by Eq. 4. In the ideal case,

D must be as small as possible for laser detection to be as precise as possible. However, the laser
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beam reflected at the top of the cantilever is also a diffracted beam, which is of great importance

to consider. For this reason, in practice, the largest possible value for D must be used, constrained

by both diffraction and ray optics. Hence, considering diffraction, the wavelength of the laser λ is

λ = dsin(α) ≈ dD
L
, (5)

where d is the size of the laser spot on the top of the cantilever and α is the angle of incidence [48].

The re-arranging gives

D ≈ λL

d
, (6)

which shows that d can be increased to make the laser spot at the photodiode smaller. However,

this is limited by the size of the cantilever [48]. It is also possible to use smaller wavelengths, but

this introduces greater power, resulting in the thermal drift of the cantilever. Next, we consider

the total intensity of the laser at the photodiode S0, which can be written as

S0 = SareaD
2 (7)

where Sarea is the intensity or irradiation power per unit area [48]. The laser dot is assumed to be

square with uniform intensity to simplify the equations. Realistically it would be Gaussian [48].

For different segments, the current I at the photodiode is assumed to be proportional to SA and

SB, which are the intensities at segments A and B, respectively. Although two segments are used in

these equations for simplicity, the AFM model used in this thesis has four segments. The difference

in intensity between these two segments is

SA − SB = Sarea2∆xD, (8)

and using

∆x = 2θL, (9)

which can be found from Fig. 2.7, since bending the cantilever by an angle θ, the laser beam is

reflected by an angle 2θ [48]. This is because the angle of incidence equals the angle of reflection.

Hence,

SA − SB = Sarea2∆xD =
S0
D2

4θLD. (10)
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Now inserting Eqs. 5 and 9 gives

SA − SB = 6S0
∆z

l

d

λ
. (11)

The current at the photodiode can therefore be written as

I =
6RS0d

λl
∆z, (12)

where R is the sensitivity. The ratio of current I to deflection ∆z is called the detection sensitivity

[48].

Figure 2.7: Schematic view of the laser beam reflected at the top of the deflected cantilever onto

the photodiode. The inset on the right shows the laser spot at the photodiode. The laser spot

(red) is assumed to be square to simplify the equations. The AFM model used in this thesis has

four segments, however, only two (A and B) are shown here.

The source of noise at the photodiode comes from the shot noise. Photons that interact with

the detector create a signal, i.e. current of electrons. The expression for current I = Q/t can be

expressed in terms of the number of electrons n flowing in a time interval ∆t. The current through

segment A is

IA =
en

∆t
, (13)

where e is the electron charge. If the time interval is large, the measurement of the current will

be more precise. However, this would, in turn, reduce the scanning speed. The time interval can
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also be expressed through a frequency, which is the largest frequency possible without great loss of

signal or corresponding bandwidth B, which relates to the time interval: B = 1/∆t. The current

at segment A will fluctuate with the number of charges, which is on average a fluctuation of
√
n.

The shot noise at A is therefore

∆Ishot,A = eB
√
n = eB

√
IA
eB

=
√
eBIA. (14)

The total shot noise at the detector is therefore

∆Ishot =
√

∆I2shot,A + ∆I2shot,B =
√

2e(IA + IB)B =
√

2eRS0B. (15)

Following this, the photocurrent I (estimated in Eq. 12) with respect to shot noise can be expressed

as
I

∆Ishot
=

6dS0R∆zmin

lλ
√

2eS0RB
. (16)

Re-arranging and replacing the ratio of I and ∆Ishot with the ratio of signal S to noise N , the

minimum detectable deflection of the cantilever is

∆zmin =
λl

6d

S

N

√
2eB

S0R
. (17)

By estimation of the parameters in Eq. 17, the result for ∆zmin is 0.2 pm [48]. This value suggests

that the scanning technique has very high detection sensitivity, ideal for studies of nanoparticles.

Next, we will examine how the AFM setup is changed for MFM using a magnetic tip.

2.2.7 Principles of MFM

In MFM, the tips used are typically coated with a 20 – 30 nm layer of hard magnetic material.

By applying this magnetic coating to the tip, the tip interacts non-magnetically, like AFM, and

magnetically with the sample. Typically, the case in studying magnetic materials with MFM

is that the magnetic interaction is of interest and needs to be separated from the non-magnetic

interaction. Separating magnetic and non-magnetic interaction is not a trivial problem, and it is an

active field of research [19,49–51]. As was the case in explaining surface effects on the topography

measurements with AFM, the MFM cannot distinguish between magnetic interaction and non-

magnetic interaction. The interaction leading to the deflection of the probe is a superposition of

all forces acting on it. Although we are interested in separating the non-magnetic and magnetic

interaction, the non-magnetic interaction is still crucial to measure the sample’s topography.
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As explained before, MFM and AFM using lift mode work by making two line scans of the

sample. The first scan records the topography, and in the second scan, the probe is moved to a

bigger height and follows the path of the measured topography. The purpose of the second scan

is to move to a range at which short-range forces are not significant. If the tip is simply moved

vertically 50 nm from the sample at one point, this may only be 10 nm from the sample at another

point above the surface. Surfaces are rarely perfectly flat on the nanoscale. The solution is to make

the distance between the sample and the probe constant at all points. For this reason, the first

pass is essential.

Once the topography is known, the AFM can keep the tip-sample distance constant at all

points above the sample, preventing changes in the interaction from short-range van der Waals

force. Therefore, change in van der Waals interaction due to height modulation is removed. The

interaction which remains in the second pass is therefore only long-range interaction, ideally only

magnetic. However, electrostatic interaction can also be a factor, which will be explained in the

section on challenges and possible solutions in MFM measurements.

In order to measure magnetic nanoparticles, which are possibly superparamagnetic, a strong

permanent magnet (MFM magnet) is placed below the sample holder. This magnet stabilises the

magnetic moment in one direction and prevents it from flipping, as mentioned in theory. Next, we

will look at the component of the force to which MFM is sensitive.

2.2.8 Direction of sensitivity

In Fig. 2.8, the tip is connected at the end of the cantilever and, therefore, the component of

force, which contributes to the deflection of the cantilever is Fn = n̂ · F , where n̂ is normal to the

cantilever axis. Hence,

F ′ =
dFn

dn
= n̂ · ∇Fn = n̂ · ∇(n̂ · F ). (18)

The direction n̂ should not be confused with ẑ, which is the sample normal since the cantilever

axis is not necessarily parallel to the sample. Therefore F ′ = dFz/dz is an approximation. As seen

in Fig. 2.8, the red lines indicate the MFM signal, which results from the tip interacting with the

vertical component (grey arrows) of the sample stray field.
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Figure 2.8: Schematic showing the principle of MFM scanning over a sample surface with (a) in-

plane and (b) out-of-plane magnetisation. The MFM tip detects the vertical component of the

stray field (grey arrows) emanating from the surface. Hence, the MFM signal (in red) exhibits

changes at domain boundaries.

2.2.9 Challenges and possible solutions in MFM measurements

Long-range interaction from electrostatic forces can be present in addition to magnetic forces.

Electrostatic interaction can be due to capacitive effects between the tip and surface [52]. This

interaction can lead to phase shift maps with similar features to the topography, i.e. mirroring

the topography. The origin of capacitive coupling effects is that the force gradient due to the

capacitance of the tip is much greater closer to the surface (first pass) than at a greater height

(second pass). Therefore, the decrease in force gradient, resulting from moving to a greater height,

leads to a positive phase shift measured in the second pass. On the other hand, magnetic force

should only be attractive if the nanoparticles are aligned with the MFM magnet and tip. These

capacitive coupling effects can be presents no matter if the surface is conducting or insulating [53].

Several methods [49, 54, 55] have been developed in order to remove the contribution from

electrostatic interaction between the tip and sample in MFM. These methods typically require

changes to the MFM set up to perform them, or require the use of another technique in conjunction

with MFM. One method, proposed by Angeloni et al. [49], involves controlling the magnetic state of

the tip, so-called controlled magnetisation (CM-MFM). The first step in CM-MFM is to characterise
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the tip by measuring the saturation magnetisation and coercivity of the tip. Angeloni et al. obtained

these quantities using a floppy disk and an electromagnet. Observing when the magnetic contrast

was strongest or weakest indicated when the tip had reached saturation or was demagnetised,

respectively. After the tip was characterised, the sample of nanoparticles was placed in the MFM.

Then, a magnetic field was applied to saturate the tip; this is the same procedure as in regular

MFM. The magnetic field was then turned off, and subsequently, a scan was performed above the

sample. After that, a negative magnetic field was applied so that the tip was in a demagnetised

state. As before, the magnetic field was turned off, and another scan was performed. In this

second scan, only the van der Waals and electrostatic interaction were recorded since the tip was

not interacting magnetically with the sample. By subtracting the contrast of the first and second

image, Angeloni et al. were able to obtain images with only magnetic contrast remaining.

Another possibility to remove the effects of capacitive coupling is by adding a dielectric layer

between the tip and substrate [21, 50]. This is a relatively new technique being used [17, 56–58],

which can be done by embedding the sample in a dielectric material. Krivcov et al. found that by

incorporating a dielectric layer in their sample preparation by embedding their sample, capacitive

coupling effects decreased with increasing dielectric thickness.

However, there seems to be a conflict in the literature regarding electrostatic interaction in

MFM. Several authors [49, 54, 55] take the stance that active measures need to be performed to

remove the electrostatic contribution to the phase shift. Therefore some literature has been found

to include MFM images, which are not related to magnetism [59]. In [20], the authors mention

that no studies compare magnetic and non-magnetic nanoparticles under the same conditions.

On the other hand, some authors state that since the nanoparticles are likely saturated magneti-

sation, due to the strong MFM magnet, the electrostatic interaction is not significant compared to

the magnetic interaction [18]. Because of the differing points of view, the possibility of electrostatic

interaction should be considered in experiments. MFM setups and samples are all different, and

therefore, different requirements are expected for them.

2.2.10 Artefacts

An artefact is usually defined as something, which is not naturally occurring. Artefacts are, there-

fore, the result of the experimental procedure itself, which imposes uncharacteristic modifications

of the signal. Sources of artefacts are from the tip, external magnetic field, sample surface, feed-
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back parameters, and piezo-scanners [60]. Vibrations, acoustic noise, thermal gradients can also

be factors that decrease the quality of images. These artefacts can appear as unusual contrast

features, contours, height shifts and changes in apparent resolution. Artefacts can also arise due

to direct contact between the sample and the tip. In some cases in AC mode, it is possible to pick

up nanoparticles or pieces of the sample and to continue scanning with them [49]. As is the same

with systematic error, these artefacts should be identified, and their causes understood to avoid the

pitfalls in the sample study. For this and other reasons, which are beyond the scope of this thesis,

MFM has remained mainly a qualitative tool.

Specific to the case of MFM, studies show that inhomogeneity in the MFM setup [61] and tip-

sample interaction [62] lead to modification of the measured MFM signal. Therefore, this research

is of great importance, which deepens our understanding of the effects imposed on the MFM

signal. This is especially important, since the standard practice for the study of superparamagnetic

nanoparticles is to apply an external magnetic field to the sample.

Another possible source of artefact is tilted oscillations and misalignment of tip magnetisation.

These effects can give rise to contrast symmetry, with dark and light contrast on opposite sides

along the scanning direction [62]. Ideally, the probe should only be interacting with the out-of-plane

component of the sample stray field. This ideal case leads to the equations explained in the theory

section (Eq. 2). A tilted tip is sensitive to in-plane and out-of-plane magnetic field components.

This is because some of the tip magnetisation is in the direction of the plane and out of the plane

(Fig. 2.9). The tip magnetisation, usually oriented perpendicular to the cantilever, is therefore

tilted with respect to the sample normal and possibly the MFM magnet. During scanning, the tip

oscillates and interacts with the sample in-plane magnetic stray field due to the tilt. Because of

the tip interacting in this way, contrast symmetry appears with dark and light contrast observed

along the cantilever’s direction (Fig. 2.10). The AFM instrument used in [62] was NT-MDT which

has a 20◦ tilt angle. The instrument model used in this thesis is JPK NanoWizard, which has a

10◦ tilt angle [63].
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Figure 2.9: Schematic diagram of a source of artefact during scanning arising from the tilt angle

between the tip and the sample normal and or MFM magnet.

Figure 2.10: (a) shows a calculated map of the stray-field at 100 nm above a patterned SmCo film.

(b) shows a phase map done with a flexible cantilever. (c) and (d) show phase maps measured with

a stiff cantilever, with (d) rotated by an angle of 45 degrees. Dark and light contrast appears on

opposite sides of the squares, showing two-fold contrast symmetry. This figure is taken from [62]

c©2011 IEEE.

Some authors [64, 65], have differentiated between artefacts and actual magnetic signal by ap-

plying a magnetic field in the sample plane direction. This can also distinguish between magnetic
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interaction and van der Waals interaction between the probe and sample. In [64] simulations are

made of single-domain cobalt (Co) nanoparticles of the size 20 – 50 nm in diameter. They show

these Co nanoparticles in different field strengths. Firstly when the external magnetic field, Hext,

is greater than the coercive field of the probe, Ht, the particle is uniformly magnetised in the di-

rection of Hext. The phase contrast of the simulation is shown in Fig. 2.11a. When the external

magnetic field is greater than even the coercive field of the probe Hct, stripes of contrast appear

in the image (Fig. 2.11b). They concluded that this contrast transformation allows the separation

of the contribution from magnetic interaction and van der Waals interaction since van der Waals

interaction does not exhibit change under magnetic field.

Figure 2.11: MFM contrast simulated for spherical Co particle with 50 nm diameter in the strong

external field. (a) Hext > Ht . (b) Hext > Hct. Scanning height is 50 nm. This figure is taken

from [64]. 2007 c©IEEE.

2.2.11 Convolution effects of the tip and sample

This section discusses some limitations in AFM and MFM due to the size effects of the tip on

measurements. MFM has a much greater spatial resolution (down to 10 nm) than, for example,

SQUIDs. For this reason, MFM is suitable for characterising individual nanoparticles. Still, it is

widely only used qualitatively since tip-sample interaction and configuration of the tip’s stray field

are not well-understood [37]. This is the case with many probe microscope techniques [66].

One limitation is that the MFM tip is convolved with the stray field of the sample at every point.

In AFM the same occurs when measuring the topography. The knowledge that the images produced
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by MFM is a convolution between the tip and the sample has some important implications. Lateral

displacement cannot be quantitatively accurate. Since the tip has a finite size, any feature in the

sample appears to have some dimensions or size. This does not necessarily mean that the tip

radius, at the apex, is the minimum resolution of the microscope [18, 67]. It has been reported

that the resolution is better than this. Nevertheless, the geometry of the tip does impact the

measurement. As seen in Fig. 2.12, during the line scan, the geometry of the AFM tip convolves

with the topographic features of the sample. For this reason, the lateral size of nanoparticles is not

a good indicator of diameter. A better indicator is the height since the height of the nanoparticle

does not enter into the convolution [18,67].

Figure 2.12: Figure showing how a topographic feature of the sample, in black, results in three

different mappings corresponding to the different tips used to perform the measurements, as shown

by the blue, red, and green tip, and lines.

In summary, this outlines some of the problems which can arise in MFM. Next, we will look at

how the samples are produced and the methods used in this thesis to perform the experiments.
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3 Materials & methods

3.1 Production of nanoparticles with bacteria

The nanoparticles in the samples were produced biologically. Escherichia coli BW25113 strain was

used in the sample production of samples A, B and C (see Table 1). Solutions of sodium tetra-

cholopalladate and iron III chloride were added to the bacteria (in sample A), and sodium formate

was used to start the reduction reaction. A washing process was done to remove any remaining

solution around the bacteria, and then the bacteria were embedded in a resin. Afterwards, the

samples were sliced with a diamond knife into approximately 0.5 µm thick slices, ready for study

with the AFM. Please see the paper [68] in appendix C for the detailed production process.

3.2 List of samples and tip specifications

In Table 1, the list of samples studied in the thesis is shown. Each sample is given a name (A, B,

and C) used throughout the text. The relative quantity of Pd to Fe in sample A is approximately

4.8:1, from EDX analysis. However, the analysis was not complete, and therefore this is used only

as an estimate.

Table 1: List of the samples studied. The material and relative quantity is shown.

Sample name Materials Relative quantity

sample A palladium and iron Pd:Fe, 4.8:1

sample B palladium N/A

sample C palladium and copper N/A

The AFM instrument used in this thesis is JPK Nanowizard 4.0. The MFM tips used are

manufactured by Nanosensors (Switzerland), model PPP-MFMR. The probe material is silicon

with a hard magnetic coating on the tip and aluminium coating on the back/top of the cantilever.

The AFM tips used are DP14 / Hi’ Res-W/AIBS, manufactured by Mikromasch (Bulgaria). The

specifications of the AFM and MFM tips are shown in Table 2.
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Table 2: The specifications of the tips used. Nominal values are shown, which is given by the

manufacturer.

Property AFM probe MFM probe

Resonance frequency (kHz) 160 75

Probe width (µm) 35 27

Probe length (µm) 125 224

Probe thickness (µm) 2.0 3.1

Force constant (N/m) 5.7 2.8

Tip height (µm) 20 - 30 10 - 15

Tip radius of curvature (nm) 1 ≤ 50

Tip coercivity (Oe) N/A 300

Tip remanence magnetisation (emu/cm3) N/A 300

3.3 Size and location of nanoparticles

The software ImageJ was used to find the size distribution of nanoparticles in the phase maps

recorded above sample A. The scale of the image was set using the ”Set Scale” tool. Afterwards,

the region of interest was cropped from the whole image and converted to an 8-bit image (greyscale).

Next, the ”Threshold” tool was used to isolate the nanoparticles from the image. Some nanopar-

ticles were erased from the image since they appeared as large clusters and could not be separated

into smaller sections. Then, the ”Analyse Particle” tool was used to measure the area and diameter

of the nanoparticles.

Mapping sequential slices of resin were done by first finding a place on the sample with at

least 2 or 3 slices of resin next to each other. The position of the cantilever was measured with

respect to the resin slice in the optical camera window. This allowed the cantilever to be positioned

approximately in the same position on each slice. Sections between 20 µm and 60 µm in width were

imaged with a low scan rate (0.5 Hz) to locate the bacteria in sequential slices of resin. Usually,

one would not be imaging so big areas at once. However, this was the most straightforward method

since large areas were needed to ensure the same position in each slice was located. After the

same area was indeed found, smaller regions were imaged. It took considerable effort to locate the

same bacterium between slices, but was possible. Afterwards, the sections were stitched together

in ImageJ to build a larger image of each slice.
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3.4 Isolating magnetic interaction from short-range surface interaction and

background interaction

Analysis was done on measurements to investigate the background and electrostatic interaction. A

strong permanent magnet was used to demagnetise the tip when the AFM head was removed from

the stage. The magnetic state of the tip was not checked after demagnetising, and therefore, could

still have some remanent magnetisation. This is similar to CM-MFM, where the second scan is

done with a demagnetised tip. However, in CM-MFM, the magnetic state of the tip is checked by

imaging a piece of a floppy disk with the MFM. This was not done, and therefore the tip can be

said to be pseudo-demagnetised.

In order to compare the signals from magnetic and non-magnetic probes, some samples were

scanned sequentially with first the MFM and then the AFM probe. The sample was left in place

while the cantilevers were exchanged. The microscope was used to re-position the tip in the exact

location as with the previous probe.

In force spectroscopy measurements, the region of interest was first imaged in AC mode, and

then the mode was changed to force spectroscopy. Force spectroscopy measurements were done in

quick succession to avoid changes in the position of the tip due to drift. It was noticed that after

doing force spectroscopy measurement and then returning to AC mode and imaging again, that

the piezo had drifted slightly.

3.5 Comparison of MFM and AFM probes

In order to measure the behaviour of the AFM and MFM tips under the same conditions, measure-

ments were taken on sample C without the MFM magnet. This should result in only non-magnetic

interaction taking place between the sample and tip. This was done by placing sample C on a

glass slide and then imaging in lift mode (two-pass technique) with an MFM tip, and subsequently

removing it, and replacing it with an AFM tip, and scanning the same area. In this experiment,

the MFM and AFM setpoints were equal to 0.3 V or otherwise specified in the results.

3.6 Data Analysis

In order to remove the background phase shift from the MFM magnet below the sample, three

methods were tested to remove this. The first approach for subtracting the background phase shift
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from the MFM magnet was to take the whole phase shift map, calculate the mean, and then shift all

the values in the map such that the mean was equal to zero. Fig. 3.1b shows the results of zeroing

the mean of mappings at several heights and then plotting the phase shift of three nanoparticles.

The phase shift shown is not monotonic with increasing height from the surface. This behaviour

was not expected since the pure magnetic signal should decay with increasing height. In addition,

the MFM phase shift is greater than the AFM phase shift, and although the probes have not been

compared (this will be mentioned later), this is unlikely.

The phase maps used in Fig. 3.1b are plotted as histograms in Fig. 3.1a. This shows the phase

shift value of each pixel and the number of times (count) it appears in the phase shift map. Less

than 20 nm from the surface (indicated by orange and blue in Fig. 3.1a), the distribution of pixels

follows a Gaussian distribution and does not appear to be skewed. Further from the surface, e.g.

at 20 nm, however, the distribution of pixels are skewed. The reason the distribution of pixels is

skewed is likely that further from the surface, the background is less significant compared to the

phase shift from the nanoparticles. Even at big heights, the nanoparticles could still create a large

phase shift measured by the tip, which skews pixel distribution. This suggests that zeroing each

mapping’s mean to subtract the background is not a good approach to use as it varies with height.
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Figure 3.1: (a) Distribution of pixels at several lift heights. The x-axis gives the phase shift of the

pixels, and the y-axis indicates the frequency (count) of the pixel value appearing in the image.

The legend indicates the lift height of each image distribution. (b) MFM phase shift above three

nanoparticles in sample A, after subtracting the mean from each phase shift map.

The second method used was to subtract the background phase shift by looking at individual

line scans within the phase maps. The limitation of this method is that the phase shift can

have a significant variance across each line scan. It was challenging to distinguish between the

background phase shift from the MFM magnet and the phase shift resulting from interaction with

the nanoparticles. Hence, this also is not seen as a suitable method.

The third method was to ensure that some region in the imaging process was without nanopar-

ticles. This section of the phase map could then be used to estimate the mean and standard

deviation of the phase shift from the background. After the mean and standard deviation of this

region was used, the phase shift from nanoparticles became monotonic, which is expected. This

method is used in the data analysis of images in this thesis unless otherwise specified. All python

scripts written for the data analysis can be found at the following GitHub address:

https://github.com/jamesbc123/magnetic force micro repo.git.

The roughness of the topography was calculated in the JPK software. The following equations
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show how these calculations are made for both the RMS and Ra roughness. The RMS roughness,

or the root-mean-squared roughness, is the standard deviation of the height values from the mean

in a given area.

RMS =

√∑N
i=1 (Zi − Zave)

2

N
, (19)

where Zi is the height value, Zave is the mean height, and N is the total number of height mea-

surements in the given area. Ra roughness, is the average deviation of the height values from the

centre plane going through the given area.

Ra =

∑N
i=1 |Zi − Zcp|

N
, (20)

where Zcp is the height of the central plane.

3.7 Sample mounting and laser alignment

The procedure for mounting the probe was done with latex gloves to keep the AFM head clean.

Fine tweezers were used to move the tip so as not to scratch the AFM head. These steps ensure

that the glass remains in good condition for the laser to pass through. If the glass block becomes

dirty with debris, the best way to clean it is to apply nitrogen gas. As much as possible, the head

was handled carefully, not to make contact with the polished sides when mounting the tips and

picking up the glass block. Once the tip and AFM head are mounted to the AFM instrument (Fig.

3.2a), the next step is to align the laser on the back of the cantilever. This alignment is performed

in conjunction with an optical camera to see the laser spot. Using the two alignment screws for

the laser (Fig. 3.2b), the laser spot was positioned at the very end of the cantilever. The voltage

sum on the photo-detector should be at maximum. Next, the mirror screw was tuned to get the

lateral voltage as close as possible to 0.0 V. The mirror screw was very sensitive. Attention should

be taken to ensure that the sum remains maximum during this mirror tuning process (although it

may change slightly). Next, the two detector screws were used to align the vertical voltage to zero.

This can quickly be done using the crosshairs in the laser alignment panel. Finally, the laser filter

was placed on top of the AFM to prevent reflection around the AFM casing and contact human

eyes. Once the sample holder (see Fig. 3.2b) is placed under the AFM head, either before or after

aligning the laser, the tip is ready for tuning and approaching the sample. The placement of sample

on the holder should be done so that the area of interest is positioned in the centre of the MFM

magnet. Tuning the probe resonance frequency should be done before approaching the surface.
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Also, ensuring that the stepper motors are disengaged is essential. If it is engaged, this prevents

the approach to the surface.

(a) (b)

Figure 3.2: (a) Figure showing the AFM instrument. Here the AFM head is mounted on to the

AFM stage, as would be during measurements. The optical camera above is used to locate regions

of interest on the sample. The adjustment screws are used in the laser alignment process. (b) The

sample holder with a metal disk mounted. On the metal disk is the smooth glass, and sitting on

the glass are the slices of resin. These slices are not visible in the figure. Below the metal disk is a

0.58 T permanent magnet, which is also not visible as it is below the metal disk. Black marks are

drawn on the glass to help indicate where the resin slices are for measurements.
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4 Results

4.1 Size and location of nanoparticles

MFM was used to characterise the size and location of nanoparticles with respect to the bacteria

in sample A. Fig. 4.1a-c shows MFM height maps recorded on sample A. Fig. 4.1a shows three

bacteria cross-sections, with large clusters of nanoparticles which appear to be attached to the

outside of their membranes. The bacterium on the right is imaged in higher resolution (4.1b), and

two nanoparticles are again imaged in higher resolution in Fig. 4.1c. The nanoparticles appear to

be mostly covered by resin, with some parts exposed, as indicated by the dashed area in the bottom

right. Fig. 4.1d shows the topography/height along the lines A and B. The size of the nanoparticles

is estimated by how much is above the surface. However, it could be that this measurement is only

the top surface of the nanoparticles.

Figure 4.1: Topography of sample A, showing bacteria and nanoparticle locations. (a), (b) and (c)

show MFM height maps, each is a higher resolution map of the previous, as indicated by the white

boxes. (d) MFM topography along lines A and B.
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Since the nanoparticles appear to be partially covered in resin, the size of the nanoparticles

is not easily found from the topography. One option to estimate nanoparticle size is to use the

”magnetic size” measured above the surface. Fig. 4.2a-b show the height and phase map of several

cross-sections of bacteria with nanoparticles surrounding them. The phase map is recorded at 19

nm above the sample surface. In Fig. 4.2c, a cropped region after filtering and particle analysis is

shown. The mean nanoparticle diameter, calculated from the black dots in Fig. 4.2c is 50 ± 10

nm, out of a total of 32 nanoparticles. In Fig. 4.2d, a histogram of the diameters is shown.

Figure 4.2: Size approximation of nanoparticles in sample A. (a) MFM height map of cross-sections

of bacteria, with nanoparticles surrounding them. (b) MFM phase map of the same area, at 19 nm

above the surface. (c) Cropped and filtered image of the phase map from with in the white box in

b. (d) Histogram of nanoparticle diameter and the count. Of the 32 nanoparticles measured, the

mean diameter is 50 ± 10 nm. The error used is the standard deviation in diameter size.

The location of nanoparticles with respect to the bacteria was further characterised, using MFM

on several resin slices. Fig. 4.3 shows three slices of resin on sample A. White arrows indicate the

edges of the slices, and the red arrow indicates the cantilever. The slices have been labelled 1, 2,

and 3. Fig. 4.4 shows eight 20 µm2 amplitude maps stitched together, recorded on slice 1. Fig. 4.5

shows eight similar-sized mappings of slice 2. Slice 3 mappings are not shown since imaging was

not possible, likely due to a fold in the resin slice.

As seen in Figs. 4.4 and 4.5, similar features are visible. The most common features repeated in
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both slice 1 and 2 come from bacteria which lie perpendicular to the mapped plane. These appear

as circular cross-sections. The features coming from bacteria which lie parallel to the plane appear

to be not often found repeated in both slice 1 and 2. An exception is the bacterium indicated by

the blue arrows in Figs. 4.4 and 4.5. The blue arrow points to what appears to be the indentation

of the bacterium in slice 1, and in slice 2, the majority of the bacterium appears to be visible.

Figure 4.3: Optical image taken of three slices of resin on sample A. The image was stitched from a

few sub-images, so contrast differences are visible. The red arrow is pointed at the probe cantilever,

and the white arrows indicate the edges of the resin slices.

Figure 4.4: Stitched amplitude maps of several scans over a region of 80 µm by 40 µm. This is

named slice 1.
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Figure 4.5: Stitched amplitude maps of several scans over a region of 80 µm by 40 µm. This is

named slice 2.

Higher-resolution maps were performed to confirm further if the same place is imaged above

both slices. Fig. 4.6 shows higher-resolution maps recorded at the white arrows in Figs. 4.4 and

4.5. The white arrows in Fig. 4.6 point towards four bacteria, at which in (a) all four bacteria

cross-sections are visible. In Fig. 4.6b, the bottom two cross-section visible, whilst the upper two

appear to be covered by resin and or nanoparticles. The blue arrow points towards a bacterium

lying in the sample plane in Fig. 4.6a. In 4.6b, it appears this bacterium is also covered by resin

and or nanoparticles. These images further demonstrate that the same position on multiple slices

of resin sample can be found.
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(a) (b)

Figure 4.6: Higher resolution MFM amplitude maps of the region indicated by the white arrows in

Figs. 4.4 and 4.5. (a) Amplitude map, imaged on slice 1. (b) Amplitude map, imaging on slice 2.

To study if the nanoparticles in sample A are located outside the bacteria cell membrane, inside

the cell, within the cell membrane, or any combination of the above, higher-resolution imaging was

done on a single bacterium. This was done using imaging on the bacterium indicated by the green

arrow in Figs. 4.4 and 4.5. Fig. 4.7a-b shows height maps imaging on slice 1 and 2, respectively.

The corresponding phase shift maps recorded at 19 nm above the surface are shown in Fig. 4.7c-d.

The approximate area of nanoparticles found in the phase maps was analysed. In slice 1, the area

of nanoparticles is approximately 30,000 nm2, and in slice 2, 140,000 nm2. No nanoparticles were

excluded in the analysis, and therefore, includes the large clusters which are further (500 nm - 1

µm) from the cell walls.

Black lines are drawn in Fig. 4.7c-d, to indicate where the inner and outer cell membranes could

be. It appears as though the nanoparticles could be located inside and outside the membranes and

in between membranes. However, it could be that this is a misinterpretation. There are many

places in the images where features appear to be repeated, as shown by the white arrows in Fig.

4.7b. This could be due to tip contamination, or the tip was damaged somehow during scanning.

Therefore, it could be that what appears to be the cell membrane is the result of an artefact.
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Figure 4.7: Higher resolution imaging of bacterium cross-section indicated by the green arrow in

Fig. 4.5. (a) and (b) show height maps of slice 1 and slice 2, respectively. (c) and (d) show

MFM phase maps recorded at 19 nm above the surface, again on slice 1 and 2, respectively. (e)

Three-dimensional reconstruction of bacteria cross-sections.

4.2 Properties of samples specific to the application of MFM (sample A)

Specific to the application of MFM, measurements were performed to characterise how the material

in the samples would behave in response to changes in the MFM parameters, such as the setpoint.

Fig. 4.8a shows a height map of a bacterium cross-section, with nanoparticles surrounding it.

Measurements were performed along line A using different setpoint values. The data was analysed

by subtracting the same gradient from each line in python instead of a unique line done in other

results in this study. Results show that along line A the measured MFM topography does not

significantly change (Fig. 4.8b). It appears that the mean topography of the resin (black arrow)

shows less deviation between measurements than the mean topography of the nanoparticles (blue

arrow). However, this is within the error calculated.
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Fig. 4.8c shows a height map of a different bacterium cross-section to Fig. 4.8a. Above

two points, force spectroscopy was performed with various setpoint values (Fig. 4.8d, e). Force

spectroscopy measures the deflection of the cantilever in the z direction. Increasing the setpoint

appears to shift the curves to the left (Fig. 4.8d, e). Alternatively, in other words, increasing the

setpoint results in the same level of phase shift, measured at a lower lift height from the surface.
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Figure 4.8: (a) Height map of a bacterium cross-section and nanoparticles surrounding it. (b) Height

along line A as a function setpoint. Results show the mean and standard of 8 measurements. The

standard deviation is shown using shadow. (c) Height map of different bacterium and nanoparticles.

(d) Force spectroscopy above nanoparticle, as a function of setpoint. (e) Force spectroscopy above

resin, as a function of setpoint.
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4.3 Isolating magnetic interaction from short-range surface interaction and

background interaction

4.3.1 Background interaction

Fig. 4.9 shows the results of scanning with a pseudo-demagnetised MFM tip and an AFM tip on

sample A. Relative to the background signal, the MFM tip shows negligible interaction with the

sample when scanning at 20 nm above the surface (Fig. 4.9b). The AFM measurements show that

when scanning at 20 nm above the surface, the interaction with the sample is negligible (Fig. 4.9d).

This suggests that there could be no electrostatic interaction.

Figure 4.9: Imaging with a pseudo-demagnetised MFM tip and an AFM tip. (a) MFM height map,

and (b) shows the corresponding MFM phase maps recorded at 20 nm above the surface. (c) AFM

height map, and in (d) is the corresponding AFM phase map recorded at 20 nm above the surface.

4.3.2 Short-range surface interaction

To isolate the magnetic interaction from the short-range interaction, imaging was done in both

AFM and MFM of the same area. Fig. 4.10a-l show phase shift maps at 0, 5, 10, 15, 20, 22, 24,

27, 30, 40, 70, and 100 nm above the surface of sample A. The imaged area contains a bacterium

near the top of the image and clusters of nanoparticles surrounding it. The bacterium cross-section

near the top has a length and width of approximately 1.8 µm and 1 µm, respectively (Fig. 4.10b).

The tip-sample interaction above the nanoparticles shows large negative phase shifts. The outline
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of the bacterium wall is visible in the phase shift maps also, which could be due to nanoparticles

surrounding the cell wall. Fig. 4.10m-p shows zoomed views of the nanoparticle indicated by the

blue arrows in Fig. 4.10a-l. This nanoparticle has a diameter of 200 nm, approximated from the

phase map.
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Figure 4.10: MFM phase maps of cross-sections of bacteria with Pd-Fe nanoparticles surrounding

them. In (a)-(l), the phase maps are recorded at heights 0, 5, 10, 15, 20, 22, 24, 27, 30, 40, 70, and

100 nm above the surface. In (m)-(p), MFM phase maps are shown zoomed in on area indicated

by the blue arrow. These are recorded at (m) 0 nm, (n) 5 nm, (o) 10 nm, and (p) 15 nm above the

sample surface. The dashed box in (a), indicates the region used to calculate the background.

The same area was imaged in AFM at 0, 5, 10, and 15 nm above the surface (Fig. 4.11).

Measurements were taken at bigger heights than 15 nm from the surface in AFM; however, they

are not shown, as the maps show little contrast. The AFM and MFM phase shift maps are plotted
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with different scale bars to increase the visibility of the contrast. Fig. 4.11e-h shows images of the

same nanoparticle as in Fig. 4.10m-p.

Figure 4.11: AFM phase maps, corresponding to the same area in Fig. 4.10. The phase maps

are recorded at (a) 0 nm, (b) 5 nm, (c) 10 nm, and (d) 15 nm above the sample surface. (e)-(h)

are closer views of the nanoparticles indicated by the blue arrow. The phase maps in (e)-(h) are

recorded at the same heights as in (a)-(d), respectively. The dashed box in (a), indicates the region

used to calculate the background.

The MFM and AFM background phase shift at each height is shown in Fig. 4.12a. In MFM,

the tip interaction with the MFM magnet can contribute to the background signal. The method

for subtracting this background is discussed in the methods section. Fig. 4.12a shows that the

background signal is large negative in MFM and increases towards zero, with increasing lift height

from the surface. However, even at 300 nm, the phase shift has not levelled off yet and could

increase further. The AFM background is almost negligible, except at 0 nm above the surface.

Fig. 4.12b shows the MFM and AFM phase shift above the selected nanoparticle after the

background is subtracted. The MFM phase shift is larger negative than AFM at all heights. The

AFM phase shift is approximately -3 ◦ just above the surface and decays to 0 ◦ at approximately

20 nm above the surface. The error bars in AFM are plotted in the figure. However, they are

almost negligible or hidden behind symbols. On the other hand, the MFM phase shift is much
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larger negative and decays less rapidly than in AFM. The MFM negative peak is not at 0 nm, like

in AFM, but a little higher above the surface (20 - 25 nm). However, this could be due to the error,

which is significant at this height.
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Figure 4.12: (a) MFM and AFM background phase shift. (b) MFM and AFM phase shift above

the nanoparticle in Figs. 4.10 and 4.11, after subtracting the background.

4.3.3 Force spectroscopy

Force spectroscopy was also performed at several points to investigate the deflection above nanopar-

ticles, which are close to each other, as a function of lift height. Fig. 4.13a-b shows height maps

with the force spectroscopy points indicated, in MFM and AFM, respectively. To study the deflec-

tion above these points in both MFM and AFM, care was taken to locate the same points. Fig.

4.13c shows the MFM phase shift decays gradually with increasing height from the surface, which

begins to flatten after 400 nm. However, it is possible that the curves would continue to flatten off

at a bigger height. This information, however, was not recorded. Points 7-10 are assumed not to be

above magnetic material, whilst we assume points 0-6 are. Some points are so close to a nanopar-

ticle, like point 5, that it is labelled as magnetic. Above points 7-10 (non-magnetic), less negative

phase shift is measured, compared to that above points 0-6 (magnetic) (Fig. 4.13c). However,

very close to the surface (0-5 nm), the phase shift appears to be almost uniform between points
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before diverging at greater heights. This could be due to (i) stronger surface forces at low heights

than magnetic forces or (ii) the effects of roughness on the nanoscale. Points 0 and 9 are the two

closest magnetic and non-magnetic points in lateral distance (150 nm) from each other. As seen

in Fig. 4.13c, at approximately 150 nm above the surface, all the measurements (above magnetic

and non-magnetic points) appear to converge together. It could be that where the distance above

the surface is similar to the lateral distance between points, the measured phase shift is nearly the

same above the points.

Fig. 4.13d shows the force spectroscopy points measured with an AFM probe. The AFM phase

shift decays much more rapidly compared to measurements with the MFM tip. However, different

setpoints were used for the MFM (0.4 V) and AFM (0.3 V) force spectroscopy, which could affect

results. The phase shift flattens out above approximately 12 nm, for all points (Fig. 4.13d). The

phase shift above points 7-10 (non-magnetic) does not clearly distinguish from the phase shift

above points 0-6. This is expected since the tip-sample interaction is assumed to be non-magnetic,

with an AFM tip. Note that some of the measurements above the magnetic points are hidden

beneath the non-magnetic measurements (Fig. 4.13d inset). Although there is no clear distinction

between measurements above magnetic and non-magnetic points, the measurements deviate from

each other. This deviation could be due to the surface roughness on the nanoscale.
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Figure 4.13: Force spectroscopy. (a) and (b) show height maps in MFM and AFM, respectively,

with the force spectroscopy points indicated. (c) MFM force spectroscopy curves. (d) AFM force

spectroscopy curves. In MFM, the setpoint used was 0.4 V, and 0.3 V in AFM. The calculated

error (± 0.2 ◦) is not plotted in the figure.

4.3.4 Comparing magnetic signals from Pd-Fe and Pd nanoparticles (samples A and

B)

To compare the magnetic signal above samples A and B, measurements were performed at several

heights above sample B. Fig. 4.14a-d, shows phase shift maps at 3, 6, 9, and 12 nm above the

surface of a cross-section of a bacterium on sample B. Measurements were done at bigger heights,

but are not shown. This bacterium has a length and width of approximately 1 µm and 0.7 µm,

respectively. Fig. 4.14e-h, shows zoomed-in views of the area indicated by the blue arrows in

Fig. 4.14a-d, respectively. The resolution of the image does not appear to be high enough to
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resolve where the nanoparticles are. Fig. 4.14i shows the background phase shift as a function of

height from the surface. The background phase shift starts at -50 ◦ and levels off at approximately

-5 ◦. This is different to the background measured above sample A, where the phase shift is

approximately -90 ◦ at 0 nm above the surface and decays more slowly to approximately -30 ◦ at

300 nm above the surface. This difference could be due to the different thicknesses of the samples,

and therefore, different distance from the MFM magnet. The phase shift above the selected point,

after the background is subtracted, does not appear to decay monotonically (Fig. 4.14j). This

could be, however, explained by the error.
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Figure 4.14: MFM phase shift maps of a cross-section of a bacterium in sample B. Phase shift

maps are recorded at (a) 3 nm, (b) 6 nm, (c) 9 nm, (d) 12 nm above the surface. (e)-(h) show

MFM phase shift maps zoomed in on the region indicated by the blue arrow. The heights, at which

(e)-(h) are recorded are the same as in (a)-(d), respectively. (i) MFM background phase shift. (j)

MFM phase shift as a function of height after subtracting the background. The dashed box in (a),

indicates the region used to calculate the background.

Fig. 4.15a, b shows the phase shift measured above several points in both samples A and B,

respectively, after the subtraction of the background. The AFM phase shift above sample B was
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not measured. It is hypothesised to be similar to the AFM phase shift above sample A, but this

was not studied. The MFM phase shift above sample A is larger negative in general than both the

AFM phase shift and the MFM phase shift above sample B. The MFM phase shift above sample

B appears to be greater negative than the AFM phase shift above sample A. However, at some

heights (approximately 25 nm), the MFM phase shift above sample B appears positive and greater

than the AFM phase shift. The positive phase shift could be due to the error.
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Figure 4.15: (a) MFM and AFM phase shift in sample A, above several nanoparticles. (b) MFM

phase shift in sample B, above several points.

4.4 Comparison of MFM and AFM probes

4.4.1 Apparent size of nanoparticles and bacteria (Samples A and C)

Measurements were performed above samples A and C to compare the properties of the AFM and

MFM probes. In Fig. 4.16a-b, are two cross-sections of bacteria on sample A with clusters of

nanoparticles attached to them, imaged in MFM and AFM. Higher resolution images of the region

in the white boxes shows that the topographic features in MFM are less distinguished compared

to the features imaged in AFM (Fig. 4.16c, d). The topography of the nanoparticles appears more

defined in AFM compared to MFM, which is consistent with the tip geometry (see Table 2).

The topography along lines A and B is shown in Fig. 4.16e. Line B has been shifted laterally

48



and vertically, so that the largest peaks in lines A and B are aligned. Again, the AFM measurements

appear to be more detailed. For example, the MFM tip was not able to resolve the small peak

recorded in AFM (see red arrow), from the two peaks on the left side (see green arrows). There is a

height difference d, between the two lines, which could be (i) due to the different signal subtracted

from the height maps in Fig. 4.16c-d, or (ii), due to the different tip properties. Data analysis

was repeated by removing identical signals from the data, suggesting that d could originate from

different tip properties (Appendix Fig. A.1). Roughness measurements along the lines show that

the MFM topography is rougher than the AFM topography (see Table 3).

Figure 4.16: Comparison of AFM and MFM images. (a) MFM height map (b) AFM height map.

(c) and (d) are higher resolution imaging within in white boxes in (a) and (b), respectively. (e)

MFM and AFM topography along lines A and B.

Table 3: Roughness along the lines A and B in Fig. 4.16. Results show the mean and range of

three repeated measurements along similar lines.

AFM MFM

Line length (nm) 704 716

Average Roughness Ra (nm) 3.0 ± 0.2 5.3 ± 0.1

RMS Roughness Rq (nm) 3.6 ± 0.2 6.1 ± 0.1

Peak-to-valley Roughness (nm) 15.2 ± 0.1 20.3 ± 0.4
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Measurements were also done on sample C without the MFM magnet, to compare the topogra-

phy measured and the phase shift above the surface, using an MFM and AFM probe. Fig. 4.17a-b

show height maps centred on a single bacterium, imaged in both MFM and AFM, respectively. It

is not clear from these height maps, whether there are nanoparticles attached to the bacterium. In

contrast to Fig. 4.16, the measurements along lines A and B show that topography is reproduced

quite well on the micron scale by the two probes (Fig. 4.17c).

The corresponding phase shift to lines A and B, is measured at 20 nm above the surface (Fig.

4.17d). Although the phase shift measurements are similar in profile, they are offset from each

other by a constant value of approximately 10-12 ◦. The MFM phase shift has a larger negative

value than the AFM phase shift.

Figure 4.17: Comparison of topography and phase shift in MFM and AFM, above sample C without

the MFM magnet. (a) MFM height map. (b) AFM height map. (c) MFM and AFM topography

along the lines A and B. (d) corresponding MFM and AFM phase shift, along lines A and B, at 20

nm above the suface.

4.4.2 Force spectroscopy (Sample C)

To further investigate the behaviour of the phase shift above sample C without the MFM magnet,

force spectroscopy was performed. Unfortunately, the force spectroscopy points were not performed
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in the same positions by AFM and MFM (Fig. 4.18a, b). The measured phase shift is large negative

in value far above the sample surface, above even ≥ 20 nm (Fig. 4.18c). In addition, the phase

shift differs slightly between points, with increasing lift height. This could be due to the nanoscale

topography, although it is higher above the surface than in previous measurements (Fig. 4.13d).

The same behaviour appears to be in the AFM scans. Force spectroscopy measurements were

repeated three times at each point, and the error calculated was ± 0.2 ◦ using the standard deviation

of the measurements. Consistent with results in Fig. 4.17, the MFM and AFM measurements are

offset from each other, and here, the phase shift difference changes with height. At big distances

above the surface, the interaction appears to flatten off (Fig. 4.18d).

These findings are important, as this could show that the AFM and MFM measurements can

not be compared to each other.
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Figure 4.18: (a) MFM height map showing force spectroscopy points. (b) AFM height map showing

force spectroscopy points. (c) MFM and AFM force spectroscopy curves. (d) Long distance force

spectroscopy in AFM and MFM. The error (± 0.2 ◦) is not visible in the figure.

4.5 MFM artefacts and interpreting the signals

4.5.1 Micrometre resolution imaging

To study the behaviour of the MFM tip-sample interaction above nanoparticles, imaging was done

at different scanning angles above the surface. Fig. 4.19a-d show height maps of nanoparticles,

recorded at various scanning angles above sample A. Fig. 4.19e-h show the corresponding phase

shift maps, measured at 19 nm above the surface. Dark and light contrast appears on opposite sides

of the nanoparticles with respect to the cantilever scan direction (see the nanoparticle indicated by
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blue arrows). Similar results are found in amplitude maps measured at 19 nm above the surface

(appendix B). The contrast in height, however, remains the same, independent of the scanning

direction.

Figure 4.19: MFM height maps (a)-(d) and phase maps (e)-(h), measured at four scanning angles,

at 19 nm above the surface. The scan angles are: (a) 90 ◦, (b) 0 ◦, (c) 180 ◦, and (d) -90 ◦, and

the same for (e)-(h), respectively. The black arrows in the phase shift maps indicate the direction

of the cantilever scanning. (i) Phase shift and error signal along white line in (a).

To evaluate if this dark and light contrast on opposite sides, could originate from the feedback

loop, the error signal is analysed (Fig. 4.19i). The white line through several nanoparticles is drawn

to indicate where the measurements are analysed (Fig. 4.19a). It appears that the error does not

peak exactly in the positions where the phase shift peaks (Fig. 4.19i). The maximum absolute

error is 0.039 V. Compared to the setpoint (0.3 V), this error is 13 % of the setpoint.

4.5.2 Nanometre resolution imaging

Similar experiments were performed at higher resolution, on the same slice of resin in sample A.

Fig. 4.20, shows height and phase shift maps of a nanoparticle in the centre, which is approximately
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100 nm in width and length. The phase shift does not appear to show the same dark and light

contrast on opposite sides as in Fig. 4.19. Here, the phase shift is relatively uniform across the

nanoparticle, although there are some places where the interaction appears to vary, as indicated

by the blue arrows. Measurements were also done at 22 nm above the surface (appendix B), where

interaction shows less negative phase shift, but also fairly uniform contrast. The error signal maps

(appendix B) show that the error from the feedback loop is not greater than 1 mV, which is 0.3 %

of the setpoint.

Figure 4.20: MFM height maps (a)-(d) and phase maps (e)-(h), at four scanning angle. The scan

angles are: (a) 90 ◦, (b) 0 ◦,(c) 180 ◦, and (d) -90, and the same angles in (e)-(h), respectively. The

phase maps are recorded at 20 nm above the surface of sample A. The black arrows in the phase

shift maps indicate the direction of the cantilever scanning.

4.5.3 Nanometre resolution imaging 2

This experiment was again repeated at high resolution to investigate another nanoparticle, on the

same slice of resin. Fig. 4.21a-b shows a group of nanoparticles in sample A, in both height and

phase shift, respectively. The nanoparticle in the white box is approximately 67 nm in width and

70 nm in length. However, it appears in the phase shift map that this could be an agglomerate

of several nanoparticles (Fig. 4.21b). The nanoparticles were imaged in four different directions

to record the phase map at these angles (Fig. 4.21c-f). Dark contrast appears predominantly on

one side of the nanoparticles, independent of the scanning direction. It also appears, that there is

bright contrast in between dark contrast, as indicated by the blue arrows (Fig. 4.21e).

54



Figure 4.21: High resolution MFM images of nanoparticles at different scan angles, above sample

A. (a) Height map. (b) Phase shift map. (c)-(f) Phase shift maps were recorded in the white box

in b, in which the scan angles are: (c) 0 ◦, (d) 180 ◦,(e) 90 ◦, and (f) -90. All phase maps are

recorded at 20 nm above the surface. Dashed lines are drawn to indicate a height contour around

the nanoparticles. (g) Height map, imaged in the white box in a. Images are shown in 3D to better

visualise the contrast.
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5 Discussion

5.1 Size and location of nanoparticles

Since the nanoparticles and bacteria were found to be partially embedded in resin (Fig. 4.1), it

was found challenging to use the topography to estimate the nanoparticle size since it was not clear

how to distinguish between the resin and the nanoparticle (Fig. 4.1d). In addition, contrary to the

suggested practice [18,67] of avoiding the tip-sample convolution (Fig. 2.12), it was not possible to

measure the height of the nanoparticles since they are partially embedded.

Instead, the size estimation was done using a phase map recorded at 19 nm above the surface.

The average nanoparticle diameter was calculated to be 50 ± 10 nm. Often, bacteria were sur-

rounded by large agglomerates of nanoparticles, like on the left-hand side of Fig. 4.2b. Therefore,

it was challenging to find a ”good” area to perform measurements. On the one hand, using MFM

could be appropriate for this task, since research done [6] suggests that the nanoparticles have a

magnetic surface and non-magnetic core, which would enable MFM to observe magnetically, the

”true” size. On the other hand, perhaps using another approach like TEM would be more beneficial

since it does not have this limitation. Also, MFM is limited since the tip geometry can contribute to

measurements (Fig. 2.12). TEM, however, cannot distinguish between non-magnetic and magnetic

nanoparticles.

To further analyse the location of the nanoparticles with respect to the bacteria, imaging across

several slices was done. It was not apparent beforehand that this experiment was possible. Since

the resin slices are approximately half the length of a bacterium, it could have been that none of

the bacteria cross-sections was repeated in consecutive slices. However, the results show that it

is possible to map the same bacterium in two sequential slices of 0.5 µm thick resin slices. This

sequential imaging could be done in more slices if they are still intact. This method could be

advantageous for localising nanoparticles, determining whether they are located inside the bacteria

cell or in the membrane. The results shown here, do not have sufficient resolution and quality to

distinguish if the nanoparticles are within the cell membrane or inside the cell. An artefact was

found in the images, and therefore, suggests that what was imaged was not nanoparticles in the cell

membranes (Fig. 4.7). The results do show, however, that most nanoparticles are found outside

the cell wall.

It is possible, however, to perform such measurements to get conclusive results. These measure-
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ments would be an exciting avenue of future investigation. If a new tip is used and with slightly

higher resolution imaging on the membrane, this would be possible.

In addition to this, imaging several slices of resin could be used to study if there are regions of

the bacteria with more or fewer nanoparticles. For example, if more nanoparticles are localised at

the poles of the bacteria. This information could be essential in tuning parameters for nanoparticle

production. The total area of the nanoparticles in each image of the slices (Fig. 4.7) was also

calculated. This calculation could be refined to measure the number of nanoparticles at a certain

distance from the cell membrane, allowing for quantifying the number of nanoparticles that the

bacteria produce in specific regions and giving feedback for the production process.

5.2 Properties of samples specific to the application of MFM

AFM topography has been demonstrated to be sensitive to variation in the setpoint amplitude [42].

Results on sample A show that the MFM topographies do not deviate from each other by more than

2 - 6 nm when varying the setpoint between 0.2 and 0.5 V (Fig. 4.8). This information suggests

that changes to the force applied by the tip do not significantly deform the sample surface. At

least, it is not significant compared to the error in the measurements. In [42], it is shown that the

peak force is greater when tapping harder surfaces. However, the average force over one oscillation

is the same. This information suggests the hardness should not affect results. The topographies

in Fig. 4.8 do appear to deviate from each other more where there are nanoparticles, compared to

scanning above resin, but this is within the error. Hence this distinction cannot be made.

The phase shift, however, does show significant changes. Since the setpoint is inversely propor-

tional to the force [42], as the force applied by the tip increases, the measured phase shift becomes

more negative (Eq. 2). The phase shift between measurements is significant compared to the error

calculated in other results (Fig. 4.12). For example, at 5 nm above the surface the measured phase

shift between setpoint 0.28 V and 0.35 V is 9 ± 1 ◦ (Fig. 4.8), using the error from Fig. 4.12. This

result suggests that increasing the force applied by the tip reduces the height necessary to measure

tip-sample forces. In addition, these force spectroscopy results show that the measurements are not

susceptible to instabilities, as was discussed in theory (section 2.2.5), since the phase shift decreases

monotonically.

These results also show that the MFM method is appropriate for the task of studying these

samples. As was shown in theory, the AFM is sensitive to cantilever deflections of 0.2 pm [48].
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Since the measured error in the topography is ± 3 nm (Fig. 4.8), and the estimated size of the

nanoparticles is 50 ± 10 nm, it shows that the sensitivity of the AFM (0.2 pm) is sufficient to

detect these nanoparticles and the changes in surface roughness.

5.3 Isolating magnetic interaction from short-range surface interaction and

background interaction

5.3.1 Background interaction

The results suggest that scanning with a pseudo-demagnetised MFM tip (Fig. 4.9b) and AFM

tip (Fig. 4.9d), that the long-range phase shift is not significant, compared to the magnetic signal

(Fig. 4.10). The MFM measurements show that the background interaction is approximately 6 -

7 ◦, which could be due to the pseudo-demagnetised MFM tip still interacting slightly with the

MFM magnet (Fig. 4.9b). Relative to this value, the phase shift is negligible. These results,

therefore, suggest that there is not enough evidence to indicate that electrostatic interaction occurs

between the MFM and AFM tips and the sample surface. In addition, other authors [21, 50] show

that electrostatic interaction above embedded nanoparticles in a dielectric material is negligible,

although the nanoparticles in sample A are partially embedded.

5.3.2 Short-range surface interaction

Measurements were done to compare the MFM and AFM phase shift above the nanoparticles.

Above sample A, the MFM phase shift is larger negative than the AFM phase shift suggesting

strong magnetic interaction between the nanoparticles and the tip (4.12b), lasting even up to 300

nm. However, the AFM phase shift appears to be negligible above 20 nm (Fig. 4.12b). The

bacterium wall appears to be visible in the MFM phase maps (Fig. 4.10), suggesting non-magnetic

interaction. However, this is likely due to nanoparticles surrounding the bacterium, as shown in

Figs. 4.1, 4.6, 4.7.

MFM force spectroscopy shows that measurements above magnetic material have greater neg-

ative phase shift, than above non-magnetic material (Fig. 4.13c). This result was expected since

above magnetic material the MFM tip-sample interaction should be stronger. At a distance greater

than approximately 150 nm, the phase shift above all the points appears to converge together. This

result suggests that the magnetic stray-field from the sample diverges above the surface. Similar

phase shift is measured when the lateral distance between points is approximately the same as the
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vertical distance above the surface, where the measurements are done. Very close to the surface

(0-5 nm), the phase shift appears to be almost uniform between the points before diverging at

greater heights. This suggests that the short-range forces dominate the tip-sample interaction in

this height range.

Results of force spectroscopy using the AFM probe suggest that the phase shift above non-

magnetic material is not distinguishable from that above magnetic material (Fig. 4.13f). This

is expected since there should be no magnetic tip-sample interaction. Therefore, the difference in

phase shift between points is likely due to the roughness in nanoscale topography. This information

suggests that the AFM tip is still sensitive to the topography roughness, up to approximately 12

nm above the surface.

5.3.3 Comparing magnetic signals from Pd-Fe and Pd nanoparticles (sample A and

B)

Measurements above A and B were compared to study the difference in magnetic signal between

the two samples (Fig. 4.15). The nanoparticles in sample B were not distinguishable in the MFM

images (Fig. 4.14). Since the composition of sample B (Pd) is different from sample A (Pd-Fe),

it could be that different sizes of nanoparticles are produced by the bacteria and, therefore, could

require higher resolution to image them.

The background MFM phase shift above sample A is greater negative than above sample B

(Figs. 4.12a and 4.14i). This result was unexpected since the MFM magnet should result in the

same phase shift independent of the sample. However, the phase shift contribution from the MFM

magnet is dependent on height. Hence, samples A and B could be of different thickness, which

results in different measured background phase shift. A second possibility is that even in the region

used to calculate the background phase shift, the nanoparticle stray-field could be interacting with

the MFM tip, causing different background measurements. Alternatively, one of the samples could

be shifted from the centre of the MFM magnet.

In summary, the MFM phase shift measured above nanoparticles in sample A is much larger

negative than the AFM phase shift. It is significant at considerable heights (100-300 nm) above

the sample, where the AFM signal has already decayed. The AFM phase shift is shown to be

negligible above approximately 20 nm. The MFM phase shift measured above sample B is less

negative than above sample A. However, it is still greater negative than the AFM phase shift above
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sample A. This information suggests weak magnetic tip-sample interaction above sample B due to

Pd nanoparticles present there, which could be on the same level as short-range interaction at the

same height. The AFM and MFM probes do, however, have different properties (see Table 2), and

therefore systematic error would be useful to discuss.

5.4 Comparison of MFM and AFM probes

Next, measurements were done above sample A and C to study the MFM and AFM probe be-

haviour. On the nanoscale, results show the AFM tip can resolve smaller peaks than the MFM tip

(Fig. 4.16e). This result is likely due to the differences in geometry of the tips (see Table 2), since

the AFM tip has a nominal radius of 1 nm, compared to 50 nm for the MFM tip.

Results also show that the MFM topography is rougher than the AFM topography (Table 3)

and that there is a vertical difference d in the measured topographies (Fig. 4.16e, Appendix Fig.

A.1). This difference could be due to the different probe properties. One explanation could be

that the tip volume affects the interaction with the surface. Although the tip-sample convolution

is expected to be a lateral one, this suggests a contribution from the volume (Appendix Fig. A.1).

The authors in [67] and [18], suggest that using the vertical height of features is more accurate

than using lateral distance, as shown by the schematic in Fig. 2.12. However, these results suggest

that the different volumes/radii of the MFM and AFM tips have a significant influence over the

measurements, as mentioned in theory [44,45].

Although the AFM and MFM nanoscale topography measurements show differences, the to-

pographies are reproduced relatively well on the micron scale (Fig. 4.17c). However, the corre-

sponding phase shift in these measurements suggests that the MFM and AFM interaction above

the surface of the sample is not the same (Fig. 4.17d). The AFM and MFM phase shift at 20 nm

above the surface are similar in profile but offset by 10 - 15 ◦. Force spectroscopy measurements are

also consistent with this (Fig. 4.18c, d). Since the MFM magnet is not present, and the phase shift

difference is present at low heights, where short-range interaction is dominant, suggests that the

interaction is non-magnetic. Hence, the difference is phase shift could be due to probe properties.

However, it appears that there is a systematic error in the measurements. Figs. 4.17c and

4.18c-d, show that the phase shift is very large negative far above the sample surface, which is not

consistent with previous measurements on sample A (Figs. 4.12 and 4.13).
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In summary, despite this systematic uncertainty in the phase measurements, the topography

measurements give evidence to suggest that the measurements from the AFM and MFM probes

are not comparable. In addition, in Eqs. 2 - 3, the measurements, as well as being dependent on

the amplitude setpoint, also depend on (i) the quality factor Q , (ii) the spring constant k, (iii)

the drive frequency, and (iv) drive amplitude. Since these values are not the same (see Table 2),

it suggests that even using the same amplitude setpoint for measurements, the AFM and MFM

probes do not behave the same.

5.5 MFM artefacts and interpreting the signals

Characterising the external magnetic field and tip-sample interaction is crucial to interpret MFM

results. Understanding the difference between artefact and ”real” magnetism is important. A useful

parameter in this differentiation is the scanning direction, which the microscope software allows

changing. By changing the scan direction, unusual features are observed in phase shift maps. Dark

and light contrast appears on opposite sides of nanoparticles, with respect to the cantilever scanning

direction (Fig. 4.19e-h). The maximum error in the scan is 13 % of the setpoint. However, this does

not indicate the error contribution to the phase shift. Fig. 4.19i suggests the error signal (from the

feedback loop) is not entirely responsible for this behaviour. Higher-resolution imaging (at another

nanoparticle) appears not to show this behaviour (Fig. 4.20e-h), since relatively uniform contrast

is found. Although there is some non-uniformity, this could be explained by the topography effects

(Fig. 4.21a-d). Repeating higher resolution imaging at another nanoparticle or agglomerate of

nanoparticles shows that dark and light contrast appears on the same side, independent of the scan

direction.

The source of these results appears to be unlikely due to MFM inhomogeneity [61], or tilted

scanning [62] since the measurements from all three experiments seem to rule these out. Suppose

the interaction was due to (i) MFM inhomogeneity in the MFM magnet alignment. In that case, it

is expected that dark and light contrast should always appear on the same side, like in Fig. 4.21,

independent of scanning direction. If the interaction were due to (ii) tilted scanning, the dark and

light contrast is expected to constantly change with scanning direction, like in Fig. 4.19.

If we, therefore, consider this interaction to be magnetic, but not from an artefact, it appears

that in Figs. 4.19 and 4.21 two directions of the nanoparticle magnetisation is detected, and in Fig.

4.20 that one direction is detected. Since in Fig. 4.19 the contrast changes with the cantilever scan
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direction, it suggests that the tip orients the nanoparticle magnetic moment as it scans. However, in

Fig. 4.21, the interaction suggests the tip magnetisation is insufficient to orient the nanoparticles.

Whether the nanoparticles are single-domain (superparamagnetic) or multi-domain (ferromagnetic)

could be responsible for this behaviour.

6 Conclusion

In conclusion, characterising biologically-produced Pd and Pd-Fe nanoparticles using MFM and

AFM was very productive. Great focus was put on locating the nanoparticles with respect to

bacteria and investigating the possible use of several slices of the sample for this purpose. In

addition, studies were done to isolate and interpret magnetic interaction.

Though the size of the Pd-Fe nanoparticles was estimated to be 50 ± 10 nm, there is some

degree of inaccuracy since the estimation relies on measurements performed above the surface (at

about 20 nm). Nanoparticles were found outside of the bacteria wall and possibly in the membrane.

However, artefacts were found in the analysis of results, and therefore more research is necessary

to conclude this study. It was shown that consecutive imaging slices of resin sample enable the

three-dimensional reconstruction of bacteria. This investigation outlines the excellent potential

for consecutive imaging in the localisation of nanoparticles within the volume and membranes of

bacteria.

The magnetic interaction measured above Pd and Pd-Fe nanoparticles was isolated from short-

range and background interaction using MFM and AFM. Although the Pd-Fe nanoparticles have a

strong magnetic signal far above the surface (≥ 20 nm), the measurements above Pd nanoparticles

were found to be on a similar level with the AFM measurements. However, the MFM and AFM

probe measurements above the Pd-Cu sample without the MFM magnet were found somewhat

inconsistent with each other. This suggests that the AFM measurements cannot be subtracted

from the MFM measurements to calculate the magnetic signal.

Magnetic interaction and artefacts using MFM were studied. Results show that the interaction

above nanoparticles changes significantly between measurements of different nanoparticles on the

sample. The measurements suggest that both one and two magnetisation directions of the nanopar-

ticles have been detected. This result could be due to the superparamagnetic or the ferromagnetic

nature of the nanoparticles.
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7 Future Outlook

Suggestions for possible future work are the following:

1. For the characterisation of the size of nanoparticles, it would be useful to compare results

with TEM analysis.

2. Since the consecutive imaging of resin slices was found to be very successful, it would be

beneficial to investigate the localisation of nanoparticles in bacteria further. Repeating mea-

surements with a new tip and a slightly higher resolution around the bacterial membranes

would be helpful. If the sample preparation can be changed to enable thinner slices of resin to

be cut and analysed in MFM, this would also be of great benefit, allowing more cross-sections

of a single bacterium to be imaged.

3. To further isolate the magnetic interaction from the background and short-range interaction,

it could be possible to acquire probes with similar properties. However, even more appropri-

ate would be using a method like CM-MFM [49]. This method would allow more accurate

measurements of the short-range and background interaction since the probe is unchanged

physically, only magnetically. The method is relatively simple, requiring only an electromag-

netic coil and a piece of floppy disk as a reference sample. However, it does have limitations

of its own.

4. For the interpretation of the magnetic signal, it could be interesting to simulate the magnetic

interaction using software, such as object-oriented micro-magnetic framework (OOMMF),

which is free to use. In addition, applying an in-plane magnetic field was found by other

authors [64] to be very useful for magnetic characterisation, and this could also be pursued.
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A Comparison of MFM and AFM probes

Figure A.1: MFM and AFM topography after identical plane subtraction, along the topography in

Fig. 4.16c, d. The error used is from the error found in Fig. 4.8b with setpoint equal to 0.3 V.
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B MFM artefacts and interpreting signals

Figure B.1: MFM amplitude maps at four scanning angles, recorded at 19 nm above the surface.

The scan angles are: (a) 90 ◦, (b) 0 ◦, (c) 180 ◦, and (d) -90 ◦. The black arrows indicate the

cantilever scanning direction.

Figure B.2: MFM error maps, at four scanning angles. The scan angles are: (a) 90 ◦, (b) 0 ◦,(c)

180 ◦, and (d) -90 ◦. The error maps are recorded at 20 nm above the surface of sample A. The

white arrows indicate the cantilever scanning direction.
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Figure B.3: MFM phase maps at four scanning angles, recoreded at 22 nm above the surface. The

scan angles are: (a) 90 ◦, (b) 0 ◦,(c) 180 ◦, and (d) -90 ◦. The black arrows indicate the cantilever

scanning direction.
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Abstract— Magnetic nanoparticles are of widespread use in 
nanotechnology. Palladium nanoparticles are among the most 
unusual since they combine magnetism with high catalytic 
activity. These nanoparticles could be obtained biologically by 
exposing bacteria to a palladium salt. However, due to the 
small size and weak magnetism,  it is challenging to measure 
their magnetic properties. One of the solutions to enhance their 
magnetism is to incorporate a small number of iron atoms into 
them. After this procedure, the nanoparticles and bacteria can 
be embedded in resin and characterized by magnetic force 
microscopy. This technique allows imaging cross-sections of 
the bacteria with nanoparticles but cannot give information 
from the depth of the sample. Here we report on an approach 
partially solving this problem. Its novelty lies in measurements 
of consecutive thin slices of resin, which allows mapping cross-
sections of individual bacteria and different parts of the 
material surrounding the same bacterium. An interesting 
observed feature is the formation of magnetic chains of 
nanoparticles outside of the bacteria. 

Keywords— Palladium nanoparticles, magnetic mapping,  
bacteria, magnetic force microscopy 

I. INTRODUCTION 
Magnetic nanoparticles are becoming indispensable tools 

in nanotechnology. Their applications range from magnetic 
recording media [1] to delivery of drugs [2] and treatment of 
cancer [3]. Special attention is attracted to palladium (Pd) 
nanoparticles that become magnetic when their size is in the 
range of a few nanometers [4,5]. Combined with excellent 
catalytic properties, these nanoparticles are especially 
efficient in cancer treatment [6].  A biological method for 
producing Pd nanoparticles in large amounts is to introduce 
bacteria to a Pd salt solution [7]. In their exchange with the 
environment, bacteria can supply electrons for redox 
reactions and efficiently reduce Pd salts from solution due to 
the very high redox potential of the latter [8,9]. Adding iron 
(Fe) salt to the solution allows obtaining Pd particles that 
incorporate a small amount of Fe, which strongly increases 
their magnetism [10]. It could be straightforward to use these 
Pd-Fe nanoparticles for applications, but it is not easy to 
measure their magnetic properties. Here a technique is 
reported allowing doing this with the help of magnetic force 
microscopy (MFM). 

II. EXPERIMENTAL 

A. Magnetic Force Microscopy 
Magnetic force microscopy (MFM) [11-13] is a 

technique allowing mapping the magnetic properties of a 
sample with a magnetic tip, which is scanned above its 
surface. In order to distinguish between magnetic and Van 
der Waals forces, which are acting on the tip at small 
distances, a two-pass scanning technique is used [11,12]. In 
the first pass, topography close to the surface is mapped. In 
the next scan, the probe is moved along a path following the 
measured topography, but at a larger height, so that the 
probe-sample distance is kept constant. If the height is large 
enough, Van der Waals forces become weak, and the pure 
magnetic response can be measured. According to 
[11,13,14], the shift in the phase of oscillations, if AC mode 
is used, is proportional to the gradient of force acting on the 
tip. The measurements were done using JPK NanoWizard 
4.0 in AC mode at a frequency of about 74 kHz in an applied 
field of 0.58 T, created by a permanent magnet within the 
sample holder. The probes used were manufactured by 
Nanosensors, model type PPP-MFMR-10, with a tip radius 
of approximately 50 nm. 

B. Production and Preparation of Samples 
A single colony of Escherichia coli BW25113 strain was 

inoculated into 10 ml lysogeny broth (LB) medium in a test 
tube overnight at 37 °C while shaking it at 200 rpm. On the 
next day, 1 ml of this medium was used to inoculate 49 ml 
fresh LB medium in a 250 ml flask. The flask was also 
incubated at 37 °C while shaking at the same speed until the 
optical density (O.D.600) reached 0.5. The medium was 
transferred to a 50 ml falcon tube and centrifuged at 4250 g 
for 10 mins. The supernatant was removed, and the pellet 
was resuspended in 10 ml 20 mM pH 7 3-(N-morpholino) 
propanesulfonic acid (MOPS) buffer. This washing step was 
done two more times, except for the last round, the pellet was 
resuspended in 8 ml 20 mM pH 7 MOPS buffer. 1 ml of this 
suspension was transferred to a 1.5-ml Eppendorf tube. 1 
mM of sodium tetrachloropalladate (Na2Cl4Pd) and 1 mM of 
iron III chloride (FeCl3) (both dissolved in 0.01M nitric acid) 
were added to the tube, shaken well by hand, and incubated 
for 1 hour. Then, 10 mM sodium formate was added to the 
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tube to start the reduction. The suspensions turned black 
within 20 minutes.  

Pd-Fe loaded bacteria were washed twice with distilled 
water by centrifuging at 5900 g for 2 min. After the second 
centrifugation step, the pellet was resuspended in 0.5 ml 
fixative solution (4% paraformaldehyde and 2% 
glutaraldehyde (w/v) dissolved in 20 mM pH 7 MOPS 
buffer) and left for 10 minutes at room temperature. Another 
round of fixation was done with the same concentration of 
the solution, and the sample was left in the fridge overnight. 
On the next day, the sample was washed twice with distilled 
water by centrifuging it at 3500 g for 10 minutes. Then, the 
sample was dehydrated by using an ascending ethanol 
concentration series (50, 70, 90, 96, and 100%). The sample 
was incubated with each concentration for 10 min except for 
the last concentration. For the last concentration, four rounds 
of dehydration were done, each taking 15 min. Next, one 
additional round with 100% acetone was applied for 15 
minutes. Lastly, one round of 1:1 acetone to epoxy was done 
overnight, leaving the cap off; therefore, the epoxy 
concentration slowly increased. The next day, the sample 
was centrifuged at 3500 g for 10 minutes, then 0.5 mL of 
100% epoxy was added and incubated for 1 hour at room 
temperature. Afterward, the tube was moved to the oven and 
incubated at 60 °C for three days. The embedded sample was 
then sliced with a diamond knife into 0.5-1 �m thin slices. 
The slices were moved in a water droplet, put on smooth 
glass slides, and left for the water to evaporate. After 
evaporation of water, the slices firmly stick on the slides, 
ready for MFM measurements. The thickness of the slices 
was kept above 500 nm. The reason for this was that the 
sliced resin would bend and fold if slices are too thin. Very 
flat surfaces were found to be of key importance for MFM 
imaging at high resolution.    

C. Sequential MFM Imaging 
With the accurate cutting of the slices and setting them to 

the glass, they form a chain, in which each next slice was 
below (or above) the previous one in the sliced volume of 
resin. A fragment of a chain of slices is shown in Fig. 1. 
Imaging slices individually allows us to characterize 
different cross-sections of the resin, which may include cuts 
of the same bacteria and give information about the three-
dimensional distribution of nanoparticles around them. 
Collecting different parameters of tip oscillation during the 
scans allows reconstructing both topography and magnetic 
properties of bacteria and nanoparticles. 

Finding the same group of bacteria on each slice requires 
considerable effort. Its approximate position was determined 
using an optical microscope with a camera above the MFM 

stage designed to see a cantilever above a slice. When 
scanning the surface, large areas (90 x 90 μm2) were 
initially mapped in order to compare features on a large 
scale. Scanning an area larger than 20 x 20 μm2 at a typical 
scan rate of 1 Hz is usually not recommended, as the tip 
moves across the surface too rapidly. Therefore, to achieve 
desirable resolution, the scan rate was reduced to 0.2 Hz 
doing the measurement much slower than usual. 

III. RESULTS AND DISCUSSION 

A. Magnetic Mapping of Pd-Fe Nanoparticles 
Magnetic mapping was done with the two-pass technique 

at an optimal distance of 20 nm above the surface, at which 
Van der Waals forces become weak, but magnetic forces are 
still strong. Fig. 2 shows a selected magnetic map with 
clearly visible Pd-Fe nanoparticles concentrated around the 
cross-section of bacteria and forming extended magnetic 
chains and clusters. The nanoparticles are also seen on the 
outline of the bacteria. In the figure, the phase shift is 
proportional to the gradient of the magnetic force acting on 
the tip. Negative (dark) contrast represents the attraction of 
the tip to a nanoparticle. In a few places, the attraction is 
replaced by repulsion when the tip is coming too close to the 
surface, and the Van der Waals forces become a dominant 
force. 

B. Sequential MFM Imaging 
The sequential imaging was done on the slices of resin 

shown in Fig. 1. Fig. 3 gives amplitude maps (measured 
during the first pass) of a 90 x 90 μm2 area selected in the 
same place on each of the three slices. The cantilever in Fig. 
1 shows an approximate position inside the scanned area in 
the left-hand slice. In Figs. 3a, 3b, and 3c, the same features 
can be seen confirming that the imaged clusters of bacteria 
belong to the same place, and even that three cross-sections 
of the same bacteria could be found. The images differ 
slightly since some bacteria begin or end in the imaged 
slices. Specifically, the bacteria embedded with their long 
axis parallel to the surface are less likely to be found in the 
sequential slices. By imaging smaller regions, individual 
bacteria can be found in each slice. Fig. 4 shows higher 
resolution 20 x 20 μm2 maps of the amplitude of oscillations 
in each slice of the resin. In these maps, a region of interest 
was a bacterium (outlined by dashed lines) with the chains of 
nanoparticles attached to it. These scans with even higher 
magnification are shown in Fig. 5. In Fig. 5a and 5b, the 
cross-sections of the bacterium are visible at the top with the 

 

Fig. 2. Magnetic map of a cross-section of bacteria with chains of 
magnetic nanoparticles. The magnetic map displays the phase shift at lift 
height of 20 nm. Inset: Amplitude map representing topography of the 
same area.  

 

 

Fig. 1. Optical image of the slices of bacteria prepared for MFM imaging.
The red arrow indicates the probe cantilever and the white arrows indicate
the edges between slices of resin. 
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attached nanoparticles. In Fig. 5c, the bulging at the edge of 
the bacterium is visible. These maps suggest that it is 
possible to image bacteria and nanoparticles in a three-
dimensional way, allowing detailed topographical 
characterization. Fig. 6 shows the same areas as Fig. 5 but 

displays the shift in the phase of oscillations measured during 
the second pass. Negative (dark) and positive (light) contrast 
indicate attractive and repulsive interaction between the 
sample and the tip. Most nanoparticle-tip interactions  appear 

a.  

b.  

c.  

Fig. 3.  Amplitude maps of three consecutive slices of resin measured
during the first pass. An area of 90 x 90 �m2 has been imaged. 

a. 

b. 

c. 
Fig. 4. Amplitude maps of three slices of resin measured during the first
pass. A 20 x 20 �m2 area has been imaged to compare individual bacteria.
The location of these scans is indicated by the squares surrounded by
dashed lines in Fig. 3. 

Authorized licensed use limited to: UNIVERSITY OF OSLO. Downloaded on May 15,2021 at 11:39:38 UTC from IEEE Xplore.  Restrictions apply. 



IEEE International Conference on “Nanomaterials: Applications & Properties” (NAP-2020) 

01NIC01-4 

  

a. 

b. 

c. 
Fig. 5. Amplitude maps of three slices of resin measured during the first
pass. Nanoparticle chains are visible connected to bacteria. Location of
scans is indicated by the squares surrounded by dashed lines in Fig. 4.

a. 

b. 

c. 
Fig. 6.  Phase maps of three slices of resin, measured during the second 
pass at lift height of 20 nm, in the same location as Fig. 5. 
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in negative contrast, indicating that the probe and 
nanoparticles are attracted to each other. On the other hand, 
there are clusters of nanoparticles (Fig. 6a), which show 
bright positive contrast, suggesting strong repulsion. The 
aim of this figure is to present the pure magnetic signal 
coming from the magnetic interaction between the sample 
and the tip. The clusters and chains of nanoparticles, the 
formation of which is currently not well understood, are 
found outside of the bacteria. During the sample 
preparation, the solution was washed several times. 
However, the chains and clusters remain attached to the 
bacteria, suggesting a strong chemical or magnetic 
interaction between the nanoparticles themselves and the 
bacteria and nanoparticles. 

Images in Fig. 6 were recorded at lift height set to 20 
nm. This height was selected experimentally for the 
following two reasons. Firstly, the bacterial cell walls, 
which are visible in Fig. 5, are not visible in Fig. 6, 
suggesting that atomic forces from a mainly non-magnetic 
material (bacteria still tend to accumulate weakly-magnetic 
pure Pd particles between the outer and inner membranes) 
are not acting on the tip. Secondly, it was found that 
mounting a non-magnetic probe and repeating the same 
scans at 20 nm above the sample resulted in negligible 
interaction between the sample and the tip. This suggests 
that 20 nm from the sample surface to the tip apex is a 
sufficient enough distance to measure a pure magnetic 
response with negligible atomic and electrostatic interaction. 
Fig. 7 shows a three-dimensional representation of the 
cross-sections. The approximate position of the bacteria is 
indicated by the blue ellipsoids. 

  
Fig. 7.  A 3D representation of the slices of bacteria shown in Fig. 5. The 
sequence of slices is changed to better show bulging in the top layer. 

IV. CONCLUSIONS 
In conclusion, by embedding bacteria and biologically 

produced palladium-iron nanoparticles into a resin, slicing it 
into several cross-sections, and imaging the sequence of 
slices by magnetic force microscopy, a three-dimensional 
view of the structures was reconstructed. This method 
partially solves the problem of characterization restricted to 
the surface of the material only. In this case, the method has 
enabled nanoparticles and bacterial cross-sections deeper in 
the resin to be mapped. Unusual nanoparticle chains and 
clusters were observed extending from the bacterial cross-
sections. The optimal height for mapping the magnetic 

response was found, which isolates the tip-sample magnetic 
interaction from the atomic interactions. This allows the 
magnetic characterization of nanoparticles to be performed 
without being affected by the short-range atomic forces. The 
iron atoms were added to enhance the magnetic response of 
the palladium nanoparticles, which now could be used in 
various applications with additional functionality, allowing 
to recover them magnetically after use. 
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